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Abstract 

Olfactory systems across the animal kingdom have several inter-phyletic similarities, such as 

glomeruli, which have been well studied in some vertebrates and arthropods. Comparisons in a third 

taxon, such as the large-brained cephalopods, could help to elucidate the evolution of these 

commonalities. I used immunohistochemistry and in situ hybridization on embryos of Sepia officinalis, 

the common cuttlefish, to map the organization of their olfactory system. I first demonstrated that 

histamine is a neurotransmitter in a class of olfactory sensory neurons by examining staining from 

anti-histamine and a custom histidine decarboxylase mRNA probe. To update classic descriptions of 

the cephalopod brain, I used antibodies and riboprobes against FMRFamide, serotonin, APGWamide, 

acetylated α-tubulin, and synaptotagmin, in addition to structural stains including phalloidin and DiI. 

My findings cast doubt upon the hypothetical presence of glomeruli in all molluscs and clarify our 

understanding of how the sense of olfaction evolved.  
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Glossary  

Definitions and interpretations from Nixon and Young (2003). 

 

Anterior basal lobe- Lies along the anterior border of the optic tract; part of the motor control 

pathway. 

Dorsal-basal lobe- Composes the posterior region of the supraesophageal mass; maintains complex 

connectivity, including input from the olfactory and optic lobes.  

Dorsal-lateral lobe- A small lobe separated from the dorsal-basal lobe by the optic commissure is 

part of the posterior basal region. It is continuous with olfactory lobule one.  

Inferior frontal lobe- Important in the control of attack behavior; next to the supraesophageal mass 

and vertical lobes. 

Lateral-basal lobe- A slight swellings on the posterior face of the supraesophageal mass; neuropil is 

continuous with the basal mass; control muscles of chromatophores and skin.  

Magnocellular lobe- Far lateral lobes thought to be part of the ancestral cephalopod nervous 

system; interconnect with almost all other parts of the brain and are responsible for 

protective and defensive actions. 

Medial-basal- Part of the posterior basal region of the supraesophageal mass; confluent with the 

lateral-basal lobe. 

Olfactory lobe- A lateral extension of the posterior basal lobes; composed of three lobules 

(posterior, middle, anterior, or lobule one, two, and three respectively).  

Olfactory nerve- Connects the olfactory organ to olfactory lobule one.  
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Optic commissure- Also known as the optic tract; contains dorso-lateral lobe, olfactory lobe, 

peduncle lobe, and optic gland.  

Optic gland- Lateral to the dorsal-lateral lobe on the dorsal surface of the olfactory lobe; assumed 

to be an endocrine organ and is heavily associated with reproduction and olfaction.  

Optic lobe- Visual information from the eye is passed through the optic nerve to the optic lobe. 

Forms most of the total brain volume.  

Palliovisceral- Thought to control mantle contractions through the stellate ganglion; interconnects 

with many other lobes.  

Peduncle commissure- Also known as the olfactory commissure; it is disproportionately large 

compared to the lobe.  

Peduncle lobe- Found between the optic lobe and olfactory lobe along the optic tract; receives 

input from the optic lobes and projects to motor areas including the supraesophageal mass 

and pedal lobes. Thought to be analogous to the cerebellum of vertebrates.  

Posterior magnocellular- Lateral to the palliovisceral lobe; controls jet propulsion. 

Posterior pedal lobe- A lateral region of the oculomotor center; dorsal to the magnocellular lobe; 

most likely responsible for the direction of swimming by regulating positioning of the 

funnel. 

Subesophageal mass- The ventral brain mass below the esophagus; contains palliovisceral mass, 

chromatophore, pedal, fin, and funnel lobes. 

Subpedunculate- Found above the medial-basal lobe; receives input from the optic nerve. 



xx 
 

Superior frontal lobe- Forms as a band across the supraesophageal mass; important for the control 

of attack behavior. 

Supraesophageal mass- Dorsal brain mass above the esophagus; laterally connected to the optic 

lobes via the optic tract; contains the basal-lobes, pericommissural lobes, sub-pedunculate 

lobes, and vertical lobe system.  

Vertical- Important for the establishment of visual and tactile memories in coleioids. Receives input 

from the superior frontal lobe. 
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Chapter 1: Introduction 

1.1 What is Olfaction? 

Chemoreception, the ability to detect and respond to chemical stimuli, is one of the oldest 

senses and can be found as early in evolutionary history as the prokaryotes in the form of bacterial 

chemotaxis. Within the animal kingdom, olfaction is defined as the chemosensory modality 

dedicated to detecting low concentrations of chemical substances, either airborne or dissolved in an 

aquatic medium, particularly from a distance. It is different than gustation which is classically defined 

as chemoreception through direct contact with the source. Olfaction has many general trends that 

are similar across animals. The sense of smell provides important ecological and locational 

information for beneficial objects, such as food, water, shelter, and mates. Additionally, it allows for 

the detection and avoidance of poison, fire, predators, and irritants. There are also similar behaviors 

across the animal kingdom that are linked through olfaction, such as behaviors that allow for the 

refreshing of sensory inputs in a time-locked intermittent rhythmic manner for odor recognition and 

discrimination. This is why snakes flick their tongue, moths fan their wings, lobsters flick their 

antennae, and snails intermittently retract tentacles (Ache and Young, 2005). The same rhythmic 

patterning can be seen in animals that perceive odorants through respiratory inhalation. For 

example, mammals sniff and salamanders ventilate their olfactory cavities (Eisthen, 2002). In 

addition to these behavioral and ecological similarities, olfactory systems throughout most of the 

animal kingdom share general morphological features. On the macroscopic scale, olfactory systems 

can be sub-divided into a 1) a sensory epithelium, 2) a projection or nerve pathway, and 3) an 

olfactory processing center in the central nervous system (CNS).  

 The olfactory sensory epithelium (OE) is filled with sensory neurons (OSNs) which contain 

specific odorant receptors. In vertebrates, it is often located in a semi-enclosed pit (e.g nostril), while 

some arthropods have antennae. The sensory neurons are morphologically similar across all 
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metazoans; all are bipolar neurons with filamentous (usually ciliary) dendritic terminals. These cilia 

project into a fluid-filled medium, regardless of aquatic or terrestrial lifestyle, to allow their olfactory 

binding receptor proteins to encounter the dissolved odorant molecules. Both mammals and insects 

have large families of olfactory receptors (ORs). In mammals, they are typical G-protein coupled 

receptors (GPCRs), while insect’s major group of ORs are ligand gated ion channels. Insects also 

have a group of variant receptors that are related to the ionotropic glutamate receptors and named 

ìonotropic receptors (IRs; Benton et al 2009). In general, individual OSNs express the allele for a 

single odorant receptor gene so that only one receptor type is expressed per OSN, mutually 

exclusive of the other OR genes, and regulated by a negative feedback expression in the OSN itself. 

This unique expression pattern has been coined the one-receptor-one-neuron rule, and is almost 

exclusively unique to olfaction (Eisthen, 2002; Serizawa et al., 2003; Komiyama and Luo, 2006). 

However, the rule is not universal across all vertebrates. In some fish, such as goldfish (Carassius 

auratus), two to three odorant receptor genes can be expressed in a large population of OSNs (Speca 

et al., 1999). Insects also have unusual ORs. In addition to each common OR, there is an additional 

universal coreceptor, Orco (previously Or83b), which is broadly expressed across the OSNs in 

insects. Orco is necessary for the ORs to function. As Orco works in conjunction with the ORs, and 

does not have an independent function, the one-receptor-one-neuron rule holds true in most insects 

(Carraher et al., 2015). The ORs of insects have a very similar seven trans-membrane GPCR 

morphology to vertebrates, with one major exception: the receptor is inverted in the cell membrane. 

Therefore, with the ability to function independently of their intracellular signaling cascade, the 

superfamily of chemoreceptors in insects is defined as a novel class of membrane protein (Benton, 

2015). 
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From the OSNs, axons bundle together into a peripheral nerve that projects towards the 

CNS for processing, usually without synapsing until they reach the olfactory center (Carraher et al., 

2015), although there are a few exceptions (see Section 5.2).  

OSN projections usually terminate in a specific olfactory center in the brain. In vertebrates, 

the olfactory nerve projects into an olfactory bulb (OB; Figure 1.1), whereas in insects it projects 

into an antennal lobe. The insect antennal lobe, which is a spherical part of the deutocerebrum, is 

very similar to the OB of vertebrates (Hansson and Anton, 2000), in that it receives inputs from the 

OSN of the mouth and antennal parts. 

One of the most intriguing similarities in both the vertebrate (particularly mammals, fish, 

and amphibians), and some arthropod (including insects and crustaceans) olfactory centers is that of 

the discrete olfactory units, called glomeruli. A glomerulus is a morphological unit defined broadly as 

a cluster of nerve fibers, spores, or small blood vessels. In olfactory glomeruli, the tangle is 

composed of OSN axons, along with other neurites and dendrites from second order neurons 

(depending on the species), that result in a close clustering of synaptic terminals. In mammals, 

periglomerular interneurons and mitral and tufted neurons both receive synaptic inputs in the 

glomerulus. In the antennal lobe of insects, interneurons and output neurons receive synaptic inputs 

in a similar fashion.  

Most glomeruli are uniform in size and have a rounded shape encircled by glial cells 

(Eisthen, 2002; Ache and Young, 2005). They contain the outputs from OSNs and the inputs from 

periglomerular interneurons and various output cells (Pinching and Powell, 1971; Eisthen, 2002). All 

the OSNs of a specific receptor or subset of receptors project their axons to the same glomerulus: a 

principle known as glomerular convergence (Mori et al., 1999; Eisthen, 2002).  
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Some studies have suggested that vertebrate glomeruli may have sub-regions or 

compartments in which different OSNs and output neurons interact with different groups of 

interneurons (Eisthen, 2002). In mammals, some studies have shown OSNs with the same ORs 

usually converge on a pair of glomeruli in the OB, typically one on the medial surface and one on 

the lateral surface (Treolar et al., 2010). Each glomerulus is specific and identifiable and will respond 

to a certain subset of odorants, so that the same odorant molecule will activate the same clusters of 

glomeruli across individuals of a species. This specificity causes the activation of a unique pattern of 

glomeruli, thus creating a spatial pattern known as an odor map (Treloar, et al., 2010). In a single 

glomerular module, one OSN synapses onto a single glomerulus. In the glomeruli, OSNs synapse 

with mitral and tufted cells that are the excitatory output neurons (Figure 1.2). Olfactory glomeruli 

also receive feedback information from the cortex and lateral inhibition via two types of 

interneurons, granule and periglomerular cells (Mori et al., 1999). Lateral inhibition via the local 

interneurons enhances tuning specificity and increases the discriminatory ability of odorants to the 

parts-per-billion range in mice and rats (Mori et al., 1999; Treolar et al., 2010). 

There has been debate as to whether glomeruli also impart spatial representation in higher 

brain centers. Even though OSNs are often generally described as randomly distributed throughout 

the epithelium, there are four zones in which OR genes are expressed within the OE in mammals 

and three overlapping but concentric zones in zebrafish (Weth et al., 1996; Eisthen, 2002). Each OR 

type is expressed exclusively in one of the four zones (Mori et al., 1999; Serizawa et al., 2003). OSNs 

located in the dorsal nasal cavity converge onto glomeruli in the dorsal OB, and ventrally located 

OSNs converge in the ventral OB (Treloar et al., 2010). Therefore, each of the four zones of the OE 

is represented in the OB. This arrangement may suggest some degree of spatial mapping at the 

odorant level within the cortex. In addition, the axons from the second order neurons in the 

glomeruli may also have distinct branching patterns and terminal areas when projecting to higher 
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olfactory centers of the brain (Kauer and Moulton, 1974; Mori et al., 1999; Komiyama and Luo, 

2006). However, Eisthen (2002) suggests that because glomeruli do not receive topographically-

organized afferent input, they are distinguished from other compartments of the brain, like the 

barrel whiskers of the somatosensory cortex in mice, which are more spatially tuned. 

In insects, the antennal lobe lacks the laminar organization that is found in vertebrates and 

has its neurons peripheral to the neuropil, as is typical in invertebrate ganglia (Blaustein et al., 1988; 

Hansson, 1995; Wachowiak et al., 1997). The glomeruli of insects are similar in morphology to those 

found in vertebrates. The neuropil of the antennal lobe is organized into glomeruli where the 

projection neurons and local interneurons synapse (Ache and Young, 2005). Most of the glomeruli 

tend to be uniform in size, although the macroglomeruli complex, found in some species of sexually 

dimorphic insects, is used exclusively for reception of sex pheromone-sensitive ORs and can be 

enlarged with input from pheromone receptors (Hansson and Anton, 2000). Most species have 40 

to 160 individually identifiable glomeruli, although some have as few as 32 (mosquitos) while others 

have more than 1,000 (locusts). In several insect species, glomeruli are arranged in one or two layers 

around a central fibrous core. Like the vertebrate olfactory system, subsets of glomeruli all receive 

input from the same olfactory receptors activated by the same family of odorant molecules. 

However, unlike vertebral glomeruli that only receive input from the OE, insects can also receive 

projections from OSNs located on the antennae, maxillary palps, and labial pit organs (Eisthen, 

2002).  

Both vertebrates and arthropods use the output neurons surrounding the glomeruli to 

project their now organized input to higher areas of the brain for olfactory learning, identification, 

and memory. Many scientists have noticed the striking morphological similarities of the OSNs, 

glomeruli, interneurons, and olfactory brain centers in both vertebrates and insects, and crustaceans, 
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and have suggested that such similarities represent an optimal solution to detecting and 

discriminating odors (Figure 1.2; Hildebrand and Shepherd; 1997; Eisthen, 2002; Ache and Young, 

2005; Kaupp, 2010). But did this solution evolve early and remain consistent in vertebrates, insects, 

and crustaceans, or did glomerular olfactory morphology evolve convergently to solve similar 

problems in two primarily terrestrial animal groups?  

These similarities, and many others, led to questions regarding the evolution and physiology 

of olfaction in other animals. Are there differences in the evolution and development of olfactory 

systems between major animal groups? Could there be any similarities between all animals? And if 

so, could these similarities provide insight into the homology or convergent evolution of olfaction? 

1.2 Other Potential Means of Organization 

Some have taken on the challenge of trying to answer these evolutionary questions by 

looking at other comparisons between olfactory systems: at the histological level through 

comparison of structures like filamentous (F-) actin (Rossler et al., 2002), at the physiological level 

through comparison of oscillations (Kay, 2014), and at the molecular level through comparison of 

receptors (Eisthen, 2002), 

1.2.1 Histological Comparisons 

In a comparative study, Rossler et al. (2002) noted that glomeruli across various species of 

vertebrates and insects were characterized by the presence of F-actin that this could demonstrate the 

general organization of the glomeruli neuropil. They therefore concluded that phalloidin, which is a 

marker for F-actin, consistently labels glomeruli in a broad range of species, and is possible evidence 

of glomeruli in insects, crustaceans, and vertebrates being homologous structures. 
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1.2.2 Physiological Comparisons 

While the glomerular organization may provide spatial coding information, the quality of the 

stimulus is encoded by the temporal and combinatorial activation of different glomeruli (Mori et al., 

1999). Oscillatory field potentials (also known as network oscillations or OB gamma oscillations in 

vertebrates) are a purely olfactory function that spread in propagating waves of hyperpolarization 

and depolarization at the first synaptic relay in the olfactory center (Ache and Young, 2005). 

Oscillations, which are initiated on the transition from inhalation to exhalation, change over the time 

span of minutes, matching the time it takes to resample the environment, such as in the behavior of 

sniffing. These oscillations are thought to improve discrimination by separating out neural space to 

optimize odor memory storage. For example, when two axons of different mitral and tufted cells 

converge onto the same target neuron in the olfactory cortex, that neuron can detect a combination 

(amplification or cancelation) of activity from two different glomerular modules. This 

synchronization increases the probability of activating that particular neuron due to temporal 

summation. This selective combination of odorant receptors results in recognition of unique 

odorants. In addition, the strength of the dendrodendritic synaptic connections is thought to be 

responsible for odor memory.  

Network oscillations are also present in some species of arthropods. For example, in locusts, 

the lateral neurons in the mushroom bodies respond to graded potentials of odors causing 

oscillations that provide a synchronization of signals to the projection and protocerebral neurons 

(Hansson and Anton 2000). However, even though evidence suggests that oscillations are an 

important part of modulating the synchronization of odorant reception, there have been numerous 

accounts of odor evoked synchrony not being oscillatory or odor specific in insects and crustaceans 

(Christensen and Hildebrand, 2002). 



8 
 

Oscillatory field potentials have been most studied and described in the molluscs, particularly 

in the terrestrial slug Limax Marginatus. Sensory cells that project to the tentacle ganglion produce 

oscillating local field potentials that can be modified by odor stimulation (Ito et al., 2000; Kirino et 

al., 2005; Cummins and Wyeth, 2014). Depending upon the odor memory representation, different 

patterns of excitation waves travel across the procerebrum creating regularly oscillating local field 

potentials. While the role of these specific procerebral neurons in olfaction is not exactly clear, they 

are thought to be a part of odor discrimination and memory in molluscs (Kirino et al., 2005; 

Cummins and Wyeth, 2014).  

1.2.3 Molecular Comparisons 

While vertebrates primarily use GPCRs and insects primarily use ionotropic ORs, there is a 

third group for comparisons, the molluscs. There have been two olfactory receptor GPCRs 

described in squid to date, the Gαolf and Gαq, that mediate either the adenylate cyclase and/or 

phospholipase C pathway respectively (Mobley et al., 2007). It was observed that type II neurons 

contained Gαq while types III-V showed colocalization of Gαq with Gαolf. These receptor locations 

suggest that type II OSNs primarily utilize the phospholipase C pathway, while types III-V use both 

olfactory transduction mechanisms.  

However, it is important to note that not all molluscs exclusively use GPCRs. A study done 

on Aplysia californica showed that A. californica express IR genes in the olfactory organs, called 

rhinophores, and the oral tentacles (Croset et al., 2010). A novel family of chemoreceptor genes was 

also discovered in A. californica in 2009 and the proteins were identified as rhodopsin-like GPCRs 

with a phospholipase C signaling pathway (Cummins et al., 2009). These GPCRs do not have any 

closely related orthologs, and therefore were suggested to be lineage-specific in the chemoreceptor 

family of bilaterians. Therefore, it seems that molecularly, molluscs have both IR and GPCRs. 
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1.3 Olfaction in Another Group 

Glomeruli have been identified in another phylum closely related to arthropods, the velvet 

worms (Schurmann, 1995; Eisthen, 2002; Strausfeld et al., 2006). While nematodes such as 

Caenorhabditis elegans lack the ganglia that would contain glomerular-like sensory structures, studies 

show the evolutionary similarities between ionotropic ORs can be found as far back in evolutionary 

history as the protostomes (Croset et al., 2010). Therefore, to further investigate these similarities in 

the olfactory systems, a sister group would have to have an equivalent degree of cephalization and 

complex brain structures for comparisons. 

Cephalopods, as a highly divergent and complex family of mollusc are a perfect phylum for 

comparisons. They have a complex CNS and olfactory system, sharing many of the 

neurotransmitters that are also found in vertebrates and arthropods. As direct developers, they skip a 

larval stage and develop their peripheral sensory systems, including a complete olfactory system, 

early in their embryonic phase. 

1.4 Chemosensory System of Cephalopods 

Although they are known for their excellent vision, many cephalopods are partly nocturnal 

or live at depths where little light is present. Therefore, it is thought that chemoreception may also 

be important, although this sense is less well studied. The most understood are the contact 

chemoreception abilities of Octopus suckers (Graziadei, 1962; Wells 1963). Octopus have the most 

chemoreceptors in their suckers, while cuttlefish and squid have fewer (Graziadei, 1962; Budelmann, 

1996). This physiological difference may be due to behavioral differences, as octopus are known to 

hunt in rocky crevices using their arms (Hanlon and Messenger, 1998). Using tactile discrimination, 

it has been observed that octopus can differentiate between seaweed soaked in different solutions, 

including salt water, hydrochloric acid, sucrose, or quinine (Wells, 1963).  
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Distance chemoreception abilities of cephalopods were first noticed when Octopus responded 

to “fish juice” being introduced into a tank (Wells, 1963; Messenger, 1967). Since then, several 

studies have attempted to determine the sensitivity of cephalopod distance chemoreception. Blind 

octopuses can move toward a stimulatory chemical, following concentration gradients from 10-3 to 

10-6 M (Chase and Wells, 1986). The chemoreceptors in the olfactory pits are sensitive down to 10-5 

M (Budelmann, 1995). Another study suggested that squid are generally attracted to amino acids and 

aversive to tetraethylammonium, tetrodotoxin, and squid ink (Mobley et al., 2008). 

 Olfaction has been suggested to play a role in social communication (Gilly and Lucero, 

1992; Boal and Golden, 1999). It has been demonstrated in adult squid, through behavioral studies 

observing either chemotaxis towards a stimulatory chemical source or via ventilation rates (Mobley 

et al., 2008; Walderon et al., 2011). In addition, cuttlefish embryos still in the egg capsule can 

respond to an aversive odorant, demonstrating that the chemosensory system is functional even 

before hatching. This early development is evidence of the importance of olfaction in the early life 

stages of these animals (Romagny et al., 2012). 

1.4.1 Olfactory Organs and Other Peripheral Sensory Organs  

The ciliated cells of the olfactory organs in cephalopods project their axons via an olfactory 

nerve to the olfactory lobe in the optic tract region (Shigeno and Yamamoto, 2002). Sepia officinalis, 

the common cuttlefish, have two primary chemoreceptive locations: the olfactory organs, for 

processing odorants (Woodhams and Messenger, 1974; Wildenbourg and Fioroni, 1989), and 

contact chemosensory cells scattered over the epidermis, particularly in the arms (Graziadei, 1964; 

Sundermann-Meister, 1978; Boletzky, 1989; Fioroni, 1990; Mackie, 2008; Baratte and Bonnaud, 

2009).  
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The function of the olfactory organ was not discovered until well after the structure was 

named (Emery, 1975). Up until the 1980s, scientists thought the position of the olfactory organ, the 

structure of the receptors, and their projection via the olfactory nerve to the brain, suggested a 

function for detecting sexual pheromones. Then, three studies demonstrated that water-soluble 

odors (e.g. betaine, glycine, proline, alanine, lactic acid, and serine) could be sensed from a distance 

by the olfactory organs (Boyle, 1983; Boyle, 1986; Chase and Wells, 1986).  

The other suspected location of chemoreception is the suckers of cephalopods. Within the 

coleoid (squid, cuttlefish, and octopus) arms, sensory cells have a long apical neurite that extends 

from the cell body, terminating in cilia (Wells et al., 1965; Buresi et al., 2014). These sensory cells 

have also been described in the rest of the skin of cephalopods, although the exact modality of these 

cells is still unknown. It is thought that at least some of these cell types mediate contact 

chemoreception or gustation (Buresi et al., 2014). 

The nautiluses, an ancient clade of cephalopods, differ from the coleoids in several major 

ways. For example, nautiluses have an external shell and digital tentacles without suckers (Barber and 

Wright, 1969). In addition, the two different types of nautilus digital tentacles have different 

functions; the four pairs of slender lateral tentacles are used for distance chemoreception, whereas 

the medial digital tentacles may be contact chemoreceptors (Ruth et al., 2002). They also do not have 

olfactory organs, but instead have a fleshy, tentacle-like sensory protrusion termed the rhinophore, 

(Barber and Wright, 1969). The rhinophore has been suggested to be the olfactory sensory organ 

after studies showed that the sensory cells share similar properties to those found in the olfactory pit 

of octopus and cuttlefish. Additionally, behavioral experiments showed that nautilus depend on their 

rhinophores to detect and follow an odorant plume (Basil et al., 2000). As such, the nautilus 

rhinophore shares many physiological and functional similarities with gastropod tentacles (See 
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Cummins and Wyeth, 2014 for a comprehensive review of olfaction in gastropods). Because of these 

differences I will just discuss the olfactory properties of coleoid cephalopods, with occasional 

comparisons to the differences of Nautilus.  

1.4.2 Sensory Cell Morphology and Olfactory Receptors 

In cephalopods, there are peripheral nerve cells located within the olfactory organ 

underneath the epidermis and lamina propria, a layer of connective tissue, smooth muscle, axons, 

and blood vessels (Mobley et al., 2007). There have been five types of described sensory neurons 

that all seem to have a chemosensory function with the stereotypical elongated shape of an OSN 

and numerous ciliary tufts that can be observed throughout molluscs (Woodhams and Messenger, 

1974; Emery, 1975; 1976; Sundermann-Meister, 1978; Bonar, 1978; Wildenburg and Fioroni, 1989; 

Budelmann, 1996; Dickinson and Croll, 2003; Kempf and Page, 2005; Mobley et al., 2008; Mackie, 

2008; Wyeth and Croll, 2011; Buresi et al., 2014; Polese et al., 2016, see Figure 3.12). Both epithelial 

cells and sensory neurons have cilia, although the surface of the olfactory organ also has microvilli 

(Emery, 1975).  While the same flask-shaped ciliated cells are present in the nautilus rhinophore and 

post-ocular tentacles (Barber and Wright, 1969; Ruth et al., 2002), the receptor cells of coleoid 

cephalopods are more variable and complex than Nautilus (Barber and Wright, 1969; Polese et al., 

2016). An estimated 34% of the cells in the olfactory organ were OSNs (Mobley et al., 2008). OSNs 

with cilia (types III-V) make up approximately 20% of the cells within the squid olfactory organ, all 

with approximately equal representation.  

Several odorants have been identified that excite each neuron type in the olfactory organ of 

Lolliguncula brevis (Mobley et al., 2008). They determined that each OSN type had a different 

sensitivity to the odors tested. For example, type V was the only OSN type to not be activated by 

alanine, while OSN type III was most sensitive to the odorants tested. While type IV did not 
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respond to odors, calcium imaging showed that type IV responds to filtered squid ink. Yet while 

each profile of expression was unique among the different types of OSNs, no reaction was exclusive 

to a particular type. This exclusivity suggests that different OSN types may express similar odorant 

receptors.  

1.4.3 The Olfactory Lobe 

To discuss the morphology of the olfactory lobe, I will briefly describe how cephalopods are 

oriented. Like other molluscs, cephalopods have an anterior (foot) and posterior (mantle) end in 

addition to a dorsal (with the cuttlebone) and ventral (with the siphon) side. However, this 

anatomical morphology can become confusing when considering the functional swimming 

orientation of adults. Most cuttlefish swim horizontally, with their ventral end down, in an anterior 

direction (arms first, which is opposite of most squid which swim mantle first). For consistency and 

clarity, all the cuttlefish diagrams are depicted with the posterior side up when viewing the whole 

animal, and dorsal side up when viewing sections of the brain. Cephalopod brains are also bilaterally 

symmetric, so when discussing the olfactory pathway, only one half of the brain is referred to at a 

time.  

Perhaps due to having a large, complex brain, cephalopods have one centralized location for 

all olfactory inputs: the olfactory lobes. The olfactory lobe is the main terminus of the olfactory 

nerve, which originates in the olfactory organ (Figure 1.3). The olfactory nerve, which connects the 

olfactory organ (on the ventral side) to the olfactory lobe (on the dorsal side), projects around the 

optic lobe to the olfactory lobe, entering posteriorly near the junction between olfactory lobe and 

the dorsal-lateral lobe, making it difficult to visualize without sectioning. From there, the olfactory 

nerve disperses into multiple fibrous branches, most terminating in olfactory lobe.  
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The cephalopod olfactory lobe is described by Messenger in his explanation of the nervous 

system of Loligo (Messenger, 1979). He describes the olfactory lobes as lateral extensions of the 

posterior basal lobes, shaped like a long tapering tube, and composed of “at least three ‘lobules’,” 

which he termed olfactory lobules one, two, and three. The lobe is thickest medially and tapers on 

the anterior and posterior ends (Figure 1.3 A). Olfactory lobule one is the most dorsal (Figure 1.3 B) 

and receives input from the olfactory nerve, while olfactory lobules two and three receive inputs 

from the surrounding lobes. Some fibers from the olfactory nerve may also innervate olfactory 

lobule two, making this a complex system when describing connections between the olfactory lobes 

and the other surrounding lobes. Lobule one integrates with the dorsal-basal lobe, while lobules two 

and three integrate with the optic and peduncle lobes. The olfactory lobe has interactions and 

connections with the optic, basal, posterior magnocellular, latero-ventral, palliovisceral, dorsal-

lateral, dorsal-basal, sub-pedunculate, and lateral-basal lobes. Messenger (1979) describes the 

neuropil of the olfactory lobe as a “simple, loosely woven meshwork of fibers” that have no 

consistent orientation (Messenger, 1979, pg. 301). He also describes the three cell types he observes 

based upon size: the smallest (< 8um), large cells (15-20 µm) and the “very large” cells (>25 µm). 

The very large cells were found in the lateral wall of olfactory lobule one and not found in any other 

lobes of the brain. For clarification and ease of understanding, I have included diagrammatic 

representations of the cuttlefish embryo (stage 30, immediately prior to hatching) and a medial 

transverse section of the brain (Figure 1.3).  

These are some of the most complete descriptions to date, all using Golgi’s method silver 

stain. Yet Messenger (1979, pg. 298) admits, “cells in the olfactory lobe are rarely impregnated after 

staining by the Golgi method, so little is known of their form…. the axons are not well defined.” 

This admission demonstrates the need for updated methods in these animals.  
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The sensory systems develop, differentiate, and function very early in organogenesis. In S. 

officinalis, embryos can react to tactile, chemical, and visual stimuli in ovo (Darmaillacq et al., 2008; 

Baratte and Bonnaud, 2009; Romagny et al., 2012). As early as stage 14, in cells in the squid 

Sepioteuthis lessoniana cluster to form the beginnings of the optic, cerebral, visceral, and pedal ganglia 

(Shigeno et al., 2001a; Shigeno et al., 2001b). Stages 14-20 are considered the placode stages, in 

which the ectoderm organs develop, and by stage 21 the lobes are ready to begin differentiation 

(Shigeno et al., 2001b). Embryos can react to the odor of a predator as young as stage 23, although 

the exact chemoreceptors involved are not yet understood (Romagny et al., 2012). The beginnings of 

the olfactory system also appear in stage 23 when the olfactory anlagen are observable as a cellular 

swelling between the supra-esophageal mass and the optic lobe anlagen. By stage 25 the olfactory 

lobe anlagen is obvious, with an olfactory nerve running from the olfactory organ to the lobe 

(Shigeno et al., 2001a; Yamamoto et al., 2003). Serotoninergic neurons also differentiate in the 

olfactory lobe by stage 24 in the pygmy squid Idiosepius notoides (Wollesen et al., 2010b). Therefore, I 

cannot assume the entire system is fully developed by stage 27-30. We do know much of the 

fundamental structure and organization of the olfactory system is in place, and that the embryos are 

behaviorally responsive at an early stage of development. This study is the first step in understanding 

the development of the olfactory system; by starting at late stages and demonstrating the techniques 

here as a proof of concept, they can later can be applied to earlier stages, hatchlings, and adults. 

1.5 Challenges 

Despite all previous evidence as to why cephalopods would be an enlightening and valuable 

study specimen, there have been relatively few neurobiological and physiological studies of these 

animals. Even with early description of the olfactory organ in 1844, the peripheral sensory neurons 

were not described until 1974 and the first olfactory receptors were not identified until 2007 

(Woodhams and Messenger, 1974; Mobley et al., 2007). Why such a delay in progress in this field? 
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One reason is that cephalopod specimens are often harder to obtain than classical models like mice 

or Drosophila melanogaster. This scarcity is partly due to cephalopod ecology, with many species being 

limited to a narrow ecosystem with few easily accessible coastal species (Boyle and Rodhouse, 2008). 

Seasonality is also an important consideration, particularly for embryonic studies, since many species 

spawn only once a year during a few short weeks (Laptikhovsky et al., 2003). Due to climate change 

and other natural phenomena, the spawning aggregations around the world have been variable at 

best; some cephalopod populations are booming, while others have been observed to miss an entire 

spawning season altogether. Many cephalopod labs currently run opportunistically, studying 

whatever species they can get access to at that time. Cephalopod aquaculture and husbandry are 

developing fields, but with major complications in larval rearing, it is still very challenging to raise 

cephalopods from egg capsules (Koueta and Boucaud-Camou, 1999).  

 In 2010, live cephalopods were included in the European Union directive 63 (European 

Parliament and Council of the European Union, 2010), which protect any cephalopods used in 

research from “pain, suffering, distress, or lasting harm equivalent to or higher than that caused by 

the introduction of a needle in accordance with good veterinary practice.” This directive introduced 

cephalopod researchers to the same guidance and restrictions as vertebrate researchers. “Live 

cephalopods” are now defined as any cephalopod that has hatched from the egg, and this greatly 

limits the amount of adult physiology able to be performed unless procedures are followed to 

demonstrate that Article 4, which outlines the principles of “Replacement, Reduction, and 

Refinement,” have been met. While those laboratories outside of the EU are not restricted to the 

same guidelines, any collaborations with a laboratory in the EU must adhere to these best practices, 

and in general, most researchers agree with the principles laid out by the directive to do no more 

harm than necessary. Due to the objectives, I chose to look at the late embryonic stages of S. 
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officinalis (stage 25-hatching), as it meets the requirements of the directive, but also allowed us to 

work with a functional olfactory system and describe the development.  

While I am particularly interested in the cephalopod olfactory system due to its evolutionary 

differences from the rest of the animal kingdom, this variance also introduces a challenge in 

selecting commercial antibodies that have the necessary specificity to a molluscan molecular 

homologue. When working in a molluscan model, there is a limit to the availability of antibodies on 

the market that are reactive, partially because the market is often concerned with supplying 

vertebrate researchers. That is not to say that a vertebrate antibody cannot be used in a molluscan 

model, but special care must be given to ensure specificity. Sequence alignments (if available) must 

be done before purchasing to ensure the best possible selection is made. Yet even with a close 

sequence match, a vertebrate antibody will not always work in a molluscan system, despite evidence 

that a molluscan homologue of that target protein is present. For this reason, immunohistochemistry 

in molluscan models is challenging, particularly if a laboratory has limited funding available for 

antibody purchasing or synthesis.  

The histological and molecular experiments have also proven exceedingly difficult. Histology in 

this species and stage of development has especially proven to be challenging due to the thick 

epidermis of cephalopods, and even thicker cranium. Late stage embryos of S. officinalis are too large 

for many wholemount studies and yet too small for perfusions into the heart. As such, I have spent 

many years trying to overcome the issue of proper fixation and penetration technique to visualize 

the brain. What I report here were the final material and methods that succeeded in observing 

sections of brain tissue with immunohistochemistry and in situ hybridization.  

Despite these challenges, S. officinalis remains a common species for studies in cephalopod 

physiology. They are more convenient and abundant than the Nautilus, which were submitted for 
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consideration for the Convention on International Trade in Endangered Species of Wild Fauna and 

Flora, effective January 2, 2017. Cuttlefish embryological stages and development have been well 

described as they are an abundant species in the Eastern Atlantic and therefore easy to collect and 

study in large quantities.  

1.6 Objectives 

In summary, cephalopods have an unusual combination of features that are reminiscent of 

other more complex animals. Their olfactory sensory systems have similar complexity to those of 

both vertebrates, insects, and crustaceans. They also share the same bipolar OSN morphology and 

follow similar trends in their olfactory receptors. Their early and direct development makes 

cephalopods a great study specimen for describing the development of the nervous system. To gain 

further insights into the olfactory system of cephalopods, I have focused my research on two 

different chapters: 

Chapter 3: Histamine in the Olfactory System of Sepia officinalis 

Hypothesis: Histamine has been suggested as a neurotransmitter in the chemosensory 

systems of gastropods; therefore, I hypothesize that histamine is a neurotransmitter in a subset of 

olfactory sensory neurons in Sepia officinalis. 

Chapter 4: The Organization and Development of the Olfactory Lobe 

Hypothesis: Sepia officinalis have glomeruli to organize their olfactory inputs into the olfactory 

lobe, homologous to the glomeruli previously described in vertebrates, insects, crustaceans, and 

gastropods.  
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Figure 1.1 A diagrammatic explanation of human glomerular functionality. 

Odorant molecules dispersed in the air bind to specific receptors in the olfactory 

epithelium. Olfactory sensory neurons with the same receptor type (one receptor 

type per neuron) project their axons to the same glomerulus, so that all the 

“cinnamon detecting” OSNs project to one “cinnamon” glomerulus et cetera. The 

interneurons of the olfactory bulb like the mitral cell, are present in the glomerulus, 

and transfer now organized odorant information for higher order processing in the 

rest of the brain. 
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Figure 1.2 Schematic of the first olfactory relay in mammals and insects. Based on 

the diagram in Ache and Young, 2005. (A) The mammalian OB showing receptor cells 

contacting mitral/ tufted (M/T) and periglomerular (PG) cells in glomeruli organized 

synapse (dashed circles). Parallel output pathways in the lateral olfactory tract (LOT) are 

transected by two levels of lateral inhibitory connections, one formed by the PG cells and 

the other by granular (GR) cells. (B) The insect antennal lobe drawn in the same format 

as (A) showing essentially the same overall organization of the projection neurons (PNs) 

and various types of local interneurons (LNs). 
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Figure 1.3 Diagrammatic Representations of the Cuttlefish Embryo and CNS. (A) 

Facing the dorsal side of the embryo, the posterior end is at the tip of the mantle and the 

anterior end is at the tip of the arms. Water flows into the mantle right above the olfactory 

organ (located on the reverse ventral side) and is ejected out the siphon on the ventral 

side of the animal (not shown). The view box shows a magnified schematic of the olfactory 

lobe, composed of three lobules numbered one, two, and three from the posterior end to 

the anterior end. The lobules are rounded on the dorsal side, but on the ventral surface 

they have a medial ridge (represented by the dotted lines). (B) In a transverse view of the 

most medial section of the brain, the most peripheral and largest lobes of the brain are 

the optic lobes. From peripheral to medial: optic lobe, peduncle lobe, lateral-basal lobe, 

olfactory lobe, optic gland, peduncle commissure, optic tract. From dorsal to ventral: 

vertical lobe, sub-vertical lobes, dorsal-basal lobe, posterior pedal lobe. The view box 

demonstrates a schematic of the olfactory lobules positions and shapes in high 

magnification in the olfactory tract. The ventral ridge makes the lobules appear triangular. 

The olfactory nerve primarily innervates lobule one, while the peduncle commissure and 

optic tract primarily innervate lobule two and three. Scale bars represent 1 mm.  
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Chapter 2: Materials and Methods 

2.1 Subjects and Reagents 

All animal procedures were in compliance with the guidelines of the European Union 

(directive 86/609) and the French law (decree 87/848) regulating animal experimentation, as well as 

the Dalhousie University Committee on Laboratory Animals protocol. All efforts were made to 

minimize animal suffering and to reduce the number of animals used. Experiments were performed 

on Sepia officinalis embryos gathered from fertilized egg batches that were collected from the coast 

near Concarneau, France, in May 2014, 2015 and 2016, and June 2017. Eggs were kept at 

approximately 20° C (Celsius) in aerated seawater and several were opened daily to obtain a 

collection of all necessary developmental stages (Lemaire, 1970). In these conditions, embryos 

generally develop over 30 days (approximately 1 day/stage) and are allowed to continue developing 

until the last stage prior to hatching, stage 30, as hatching begins at stage 31. Embryos develop inside 

a chorion enclosed in numerous darkly pigmented membranes that make up the egg capsule. After 

stage determination by a dissecting microscope, each specimen was collected by removing the egg 

capsule and chorion layers in seawater. Embryos were then anesthetized in 7% magnesium chloride 

in distilled water for 20 to 40 mins, until they became unresponsive to stimuli, before being 

immersed in either of two fixatives depending upon the experiment. For those embryos reserved for 

in situ hybridization (ISH) experiments, embryos were first opened in RNase-free conditions before 

fixation. 

In the summer of 2016, we also received additional S. officinalis hatchlings that were being 

reared in the Aquatron facility at Dalhousie that were approximately 1 week old (after hatching). 

These hatchlings were procured for reuse from another study in compliance with the guidelines on 

procurement of animals used in science published by the Canadian Council on Animal Care. After 

anesthetization, we separated the head from the mantle before fixation. 
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2.2 Fixation 

All fixations occurred at 4° C with gentle agitation on a shaker. Multiple fixation procedures 

were used dependent upon the antibody (Table 2.2). Paraformaldehyde (PFA) fixative was prepared 

using 16% PFA (PFA; RT-15710, Electron Microscopy Sciences, Hatfield, PA, USA) and diluted 

with phosphate buffered saline (PBS) to form the 4% solution. EDAC (1-ethyl-3(3-dimethyl-

aminopropyl)-carbodiimide; Sigma Aldrich Mississauga, ON, Canada) fixative was prepared using 

2% EDAC and 0.4% N-hydroxysuccinimide in PBS (Panula et al., 1988). After fixation, the duration 

of which was dependent on the fixative used and size of embryo (between 12 to 72 hrs; Table 2.1), 

all embryos were washed in fresh PBS for 12 hrs before storage.  

Table 2.1 Protocols for Fixatives Including Target Antigens and Solutions.  

Fixative Target Contents Fixation Time 
Additional 

Steps 

PFA 
General 
fixative 

4% PFA 

96% PBS 

12-72 hrs 
depending on 
embryo size 

Rinse in PBS 
 

EDAC Histamine 

2% EDAC 

0.4% N-
hydroxysuccinimide 

97.6% PBS 

24-36 hrs 
Additional 48 

hrs in 4% 
PFA 

 

One of the largest challenges of this project was determining the optimal fixation time. In 

2014, I largely based my fixation procedure on previous studies, which recommended 4% PFA for 

2, 4, 6, or 24 hrs (Wollesen et al., 2008; Di Cosmo et al., 2000; D’este et al., 2008). Therefore, in our 

first year of collections (2014), I primarily focused on 12 hrs (overnight) fixation times, and the 

results were drastically under-fixed to the point of deterioration of the CNS. Some preparations had 

the peripheral tissue fixed well enough to see staining in the olfactory organ, which prompted 



27 
 

another collection season in 2015. That collection was focused primarily on developing an EDAC 

technique. While the periphery was well-fixed, the CNS was still degraded. I hypothesized that this 

degradation may be due to the weak fixative properties of EDAC; I determined that a longer PFA 

post-fixation time after the initial EDAC fixation would be sufficient. In 2016, this was attempted a 

third time, with 12 hrs in EDAC followed by 24 hrs in PFA 4%. Our latest attempt at getting 

histamine staining in the olfactory lobe was in June 2017. Embryos were fixed for 24 or 36 hrs in 

EDAC followed by 48 hrs in 4% PFA with the mantle and head severed and the arms removed after 

12 hrs for better internal penetration. Some embryos were perfused with EDAC via injection in the 

sinus between the eye and optic lobe to increase penetration of fixative into the CNS. The remaining 

embryos collected for other immunohistochemistry experiments were incubated in 4% PFA for 72 

hrs with the mantle and head severed and arms removed after 12 hrs.  

After fixation, all embryos reserved for immunohistochemical experiments were stored in 

PBS (phosphate buffered saline, 50mM Na2HPO4, 140mM NaCl, pH 7.2) with 0.005% sodium azide 

at 4° C. Those embryos reserved for ISH were stored in RNase-free conditions in 50/50 

glycerol/PBS at -20° C. 

2.3 Tissue Preparation 

S. officinalis embryos were either processed as whole embryos (whole-mount) or as 

cryosections. In preparation for cryosectioning, embryos were placed in a phosphate saccharose 

buffer (0.12 M phosphate buffer [0.24 M; 1.70 g NaH2PO4*H2O, 10.15 g Na2HPO4*2H2O, 300 mL 

dH2O], 15% saccharose, pH 7.2) for 48 hrs, after which the solution was changed with fresh buffer 

after 24 hrs. Next, embryos were incubated in gelatin/saccharose phosphate buffer (0.12 M 

phosphate buffer, 12% saccharose, and 7.5% gelatin) for an hour, or embedded in Fisher 

HealthCare Tissue-Plus® O.C.T (optimal cutting temperature) compound (Scigen Scientific 
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Cardena) or Tissue-Tek® O.C.T. compound (Sakura Finetek USA Inc.) and then rapidly frozen at 

−80° C. Blocks were cut into 30-60 µm sections along the transverse (also known as the horizontal 

or axial) plane using a cryostat (CM1510; Leica Microsystems GmbH, Wetzlar, Germany) and placed 

on either FisherBrand™ SuperFrost™ Ultra Plus Adhesion or FisherBrand™ SupraFrost™ Ultra 

(Fisher Scientific) slides. Slides were treated with a gelatin-coating solution consisting of 0.5% gelatin 

and 0.05% chromium potassium sulfate dodecahydrate (CrK(SO4)2*12H2O) (R&DSystems 

Protocol).  

2.4 Immunohistochemistry 

Staining protocols described by Croll (2006) were used with modifications. Whole 

preparations were washed and bathed in PBS-Tx blocking/dilutant solution composed of PBS with 

2% dimethyl sulfoxide (DMSO), 1% Triton X-100, 0.1% bovine serum albumin (BSA), and 0.1% 

normal goat serum (all from Sigma Aldrich, Mississauga, ON, Canada) for 24 hrs before incubations 

at 4° C.  

Whole-mount incubations occurred in 1.5 or 2.0 mL micro centrifuge vials containing one 

individual in each vial. After blocking, specimens were placed in primary antibody diluted 1:200 or 

1:500 in PBS-Tx for 10 days at 4° C (See Table 2.2 of antibodies used). Preparations were rinsed 

with PBS and agitated at room temperature for 10 mins before rinsing again 4 times for 10 mins 

each. They were then incubated in 1:200 to 1:500 dilutions of secondary antibodies (conjugated to 

Alexa Fluor 488 nm or 555 nm) in PBS-Tx for an additional 10 days unagitated at 4° C. (Table 2.3). 

No difference was found between samples that were agitated or not during this time. Specimen were 

rinsed with PBS using the same procedure as the primary antibody wash. The clearing agent CUBIC 

(clear, unobstructed brain/body imaging cocktails and computational analysis; 4% wt/vol PFA, pH 

7.4, 25 wt% Quadrol [Ethylenedinitrilo)tetra-2-propanol], 25 wt% urea, 15 wt% Triton X-100, 
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dH2O; Susaki et al., 2015) was used to improve visualization in whole-mount specimen. Specimens 

were prepared with either a single-, double-, or triple- label with one or two primary and secondary 

antibodies from different hosts so that they were viewable in different fluorescent channels and/or a 

structural stain such as phalloidin or DAPI. DAPI (4',6-diamidino-2-phenylindole), is a fluorescent 

marker which binds to A-T rich regions of cellular DNA, resulting in a nuclear label (Wollesen et al., 

2009). Phalloidin, composed of phallotoxins from the mushroom Amanita phalloides, stains various 

isoforms of filamentous (F)-actin filaments and traditionally provides a general view of the muscular 

system of invertebrates (Dancker et al., 1975). It also reliably stains neuropil of cephalopods and 

molluscs due to their continuous growth and development. 

Sections were processed on slides isolated by a hydrophobic pen (Liquid Blocker Pap Pen 

for Immunostaining, Sigma-Aldrich Mississauga, ON, Canada) to avoid solution dispersal and 

evaporation. Slides were incubated in the same conditions as in whole-mount, except that they were 

placed in a humid chamber to avoid dehydration.  

2.4.1 Antibodies  

See Table 2.2 for primary antibodies and supplier information, and Table 2.3 for secondary 

antibodies. 
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Table 2.2 Primary Antibodies Used; including host, clone, estimated concentration, 

supplier, catalog, and lot number. 

Primary 
Antibody 

Host Clone 
Concentratio

n 
Supplier 

Catalo
g # 

Lot # 

Anti-
acetylated 
α-tubulin 

Mouse 
Monoclon

al 

1 mg/mL 
diluted 1:200 

~0.005 
mg/mL 

Sigma, 
Oakville, 

ON, 
Canada 

T6793 
034M782

8 

Anti-
histamine 

Rabbit Polyclonal 

Lyophilized 
whole serum 

(100 µL) 
diluted 1:200 

Immunosta
r, Hudson, 
WI, USA 

22939 1532001 

Anti-
serotonin 

Rabbit Polyclonal 

Lyophilized 
whole serum 

(100 µL) 
diluted 1:200 

Immunosta
r, Hudson, 
WI, USA 

20080 1431001 

Anti-
FMRFamid

e 
Rabbit Polyclonal 

Lyophilized 
whole serum 

(100 µL) 
diluted 1:200 

Immunosta
r, Hudson, 
WI, USA 

20091 1331002 

Anti-
APGWamid

e 

Guine
a pig 

Polyclonal 

Previously 
aliquoted 

pure 

diluted 1:200  

Smit et al., 
1992 

Croll and 
Van 

Minnen, 
1992 

N/A N/A 
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Table 2.3 Secondary Antibodies and Histochemical Labels; including host, 

clone, conjugated molecule, estimated concentration, supplier, catalog and lot 

number. 

Secondar
y 

Host 
Conjugate

d 
Concentration Supplier 

Catalo
g # 

Batch/Lot 
# 

Anti-
mouse 

goat 
Alexa 

Fluor 488 

1 mg/mL 
diluted 1:200 

~0.005 mg/mL 

Invitrogen, 
Burlington, 

ON, Canada 

A2817
5 

QJ22281
4 

Anti-
rabbit 

goat 
Alexa 

Fluor 555 

2 mg/mL 
diluted 1:200 
~0.01 mg/mL 

Invitrogen, 
Burlington, 

ON, Canada 

A2142
8 

1670185 

Anti-
rabbit 

donke
y 

Alexa 
Fluor 488 

2 mg/mL 
diluted 1:200 
~0.01 mg/mL 

Invitrogen, 
Burlington, 

ON, Canada 

A2120
6 

1754421 

Anti-
mouse 

donke
y 

Alexa 
Fluor 555 

2 mg/mL 
diluted 1:200 
~0.01 mg/mL 

Invitrogen, 
Burlington, 

ON, Canada 

A3157
2 

1636859 

Anti-
rabbit 

goat Biotin 

1.5 mg/mL 
diluted 1:200 

~0.0075 
mg/mL 

Vector 
Laboratories, 
Burlingame, 

CA, USA 

BA-
1000 

126K480
4 

Anti-
guinea 

Pig 
goat 

Alexa 
Fluor 555 

2 mg/mL 
diluted 1:200 
~0.01 mg/mL 

ThermoFish
er Scientific 
Waltham, 
MA, USA 

A2143
5 

1235796 

 

2.4.2 Biotin  

In addition to the fluorescent immunohistochemistry, some preparations were stained with 

DAB (3,3′-diaminobenzidine) to increase amplification of staining. In these cases, the secondary was 

anti-rabbit conjugated to biotin (Sigma). After incubation, the embryos were transferred to an 

Avadin-Biotin-HRP Complex kit for 1 hr (ThermoFisher Scientific, Waltham, MA, USA; reagent A 

[Avidin DH], reagent B [biotinylated horseradish peroxidase H] in PBS that was left to mix for a 
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half-hour before application). I also used VECTASTAIN Elite ABC HRP Reagent, R.T.U. 

(Peroxidase, Ready-to-Use; Catalog # PK-7100; Vector Laboratories, Burlingame, CA, USA). 

Finally, the DAB staining (Catalog # SK-4100; Vector kit: DAB in peroxidase buffer, and peroxide) 

was applied for 5-7 minutes until the optimal contrast and background had been reached. 

2.4.3 DiI and Other Structural Stains 

DiI, ((2Z)-2-[(E)-3-(3,3-dimethyl-1-octadecylindol-1-ium-2-yl) prop-2-enylidene]-3,3-

dimethyl-1-octadecylindole; perchlorate), a fluorescent lipophilic dye that follows continuous 

membranes, was used to trace the nerve from the olfactory organ to the olfactory lobe. Cuttlefish 

heads that were fixed in 4% PFA overnight were mounted in 10% agarose in PBS in a culture dish 

well with 0.05% sodium azide. This agarose gel provided a stable base in which the head could be 

oriented so that the olfactory epithelium was exposed (see Figure 2.1). A small crystal of DiI was 

placed directly on the olfactory pit for 24 hrs. Embryo heads were then carefully removed from the 

agarose and the external DiI was rinsed with PBS before being stored in PBS with 0.05% azide for 

several months to allow the diffusion of DiI through the olfactory nerve to the brain.  
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Table 2.4 Other Structural Stains and Conjugates. Including name, conjugated 

molecule, estimated concentration, supplier, catalog, and lot number.  

Name Conjugated Concentration Supplier Catalog # Lot # 

Phalloidin 
Alexa Fluor 

488 

200 units/mL 
(6.6 µM) 

diluted 1:200 

Invitrogen, 
Burlington, 

ON, Canada 
A12379 1656101 

DAPI 

Naturally 
absorbs 
358 nm 

(UV) 

5 mg/mL 

Molecular 
Probes, 

Eugene, OR, 
USA 

D1306 1138415 

DAB 
Nickle-
Silver 

84 µL in 164 
µL buffer 
solution  

Vector 
Laboratories, 
Burlingame, 

CA, USA 

SK-4100 N/A 

DiI 
Alexa Fluor 

555 
Pure crystal 

Molecular 
Probes, 

Eugene, OR, 
USA 

D-282 4591-24 

 

2.4.4 Controls 

Alexa Fluor labelled secondary antibodies yielded consistent staining over a range of washes 

and incubation times. Omission controls were conducted as tissues were tested for background 

autofluorescence in the absence of antibodies under a fluorescent microscope. Fixed tissue showed 

no autofluorescence (Supplementary Figure A2.2). In addition, secondary antibodies were tested 

without the use of primary antibodies to demonstrate the omission of staining patterns 

(Supplementary Figure A2.3).  

Most antibodies used were commercially obtained so their specificity and affinity to their 

respective antigens has been systematically demonstrated over several different conditions and 

species. Information on the specificity of the antibodies used was provided by the supplier. The 
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cross-reactivity of anti-serotonin (5-HT) was tested by Immunostar Inc. and does not cross-react 

with 5-hydroxytryptophan, 5-hydroxyindole-3-acetic acid, or dopamine. Additionally, the antibody 

has been used extensively in peer-reviewed studies in several diverse phyla including Chordata (Yee 

et al., 2001), Arthropoda (Novak et al., 1995), Xenacoelomorpha (Raikova et al., 1998), and Mollusca 

(Elekes et al., 1990; Kreiling et al., 2005). While preabsorption control experiments have been 

previously conducted with anti-5-HT incubated with 5-HT conjugated to bovine serum albumin, in 

Idiosepius notoides, western blots have not been conducted in S. officinalis and therefore cross-reactivity 

of the antibody cannot be known for certain.  

Anti-FMRFamide (Phe-Met-Arg-Phe) has been widely accepted as labelling the family of 

FMRFamide-related peptides (FaRPs) that all share an -RFamide sequence at their C-terminus. 

Labeling with this antibody has been published in multiple different phyla including Gastrotricha 

(Hochberg and Atherton, 2011), Mollusca (Röszer et al., 2004), Arthropoda (Christie et al., 2004), 

Xenacoelomorpha (Reuter et al., 1998), and Chordata (Honkanen and Ekström, 1990). 

Preabsorption controls have been conducted in previous literature with FMRFamide peptide, 

although cross reactivity cannot be excluded as the FMRamide antibody most likely reacts to 

multiple peptides within the FMRFamide-related peptide family (Di Cosmo and Di Cristo, 1998; 

Aroua et al., 2011).  

Acetylated alpha (α)-tubulin (AcTub) results from the post translational modification of an 

α-tubulin (See Howes et al., 2013 for a review on AcTub). Traditionally, there has been one AcTub 

antibody (clone 6-11B-1). This clone, isolated from sea urchin, been shown to reliably stain AcTub 

in a variety of species, including Maritigrella crozieri (Rawlinson, 2010), Wirenia argentea (Todt et al., 

2008), Capitella teleta (Biggers et al., 2013), Axiothella rubrocincta (Brinkmann and Wanninger, 2010), 

Ilyanassa obsolete (Gharbiah, Nakamoto, and Nagy, 2013) and cephalopods Idiosepius notoides (Wollesen, 
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Degnan, and Wanninger 2010) and Sepia officinalis (Baratte and Bonnaud, 2009; Buresi et al., 2014). 

While this antibody has been extensively used in a wide variety of species, and consistently labels 

tubulin structures including cilia, to my knowledge no cross-reactivity studies have been conducted 

in cephalopods.  

The antibody against Ala-Pro-Gly-Trp-NH2 (APGWamide) was synthesized for a study in 

Lymnaea stagnalis and was paired with an ISH experiment to confirm specificity of the antibody (Croll 

and Van Minnen, 1992). Since then, the antibody has been positively identified as labeling 

APGWamide neurons and neuropil in Aplysia spp. and Placopecten magellanicus (Fan et al., 1997; Smith 

et al., 1997). No cross-reactivity studies have been conducted with this antibody in Sepia officinalis. 

The HA antibody used in this project has also been extensively published, and reactivity has 

been demonstrated in Drosophila (Stenesen et al., 2015), Biomphalaria alexandrina, Biomphalaria glabrata 

(Habib et al., 2015), and Mus musculus (McCann et al., 2014), to name a few recent examples. All 

staining was blocked by preabsorption of the histamine conjugate antiserum.  Cross reactivity was 

tested in rat hypothalamus by the company, and showed no cross reactivity with L-histidine or L-

histidine containing luteinizing hormone-releasing hormone peptide (Immunostar Inc).  

Because histamine has never been described in a cephalopod, I also conducted a pre-

absorption control for the anti-HA antibody. I incubated the antibody with antigens before applying 

it to the tissue to prevent the antibodies from binding to endogenous histamine to prove specificity 

of the antibodies against the tissue tested.  

2.4.4.1 Synthesizing a Histamine-Conjugate 

Due to the unavailability of a commercial source of the immunogen that the HA antibody 

was raised against, I synthesized my own conjugate by combining 20 mg/mL histamine 

dihydrochloride (H7250, Sigma Aldrich Mississauga, ON, Canada), 33 mg/mL BSA, and 4.6 
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mg/mL EDAC in 0.1 M phosphate buffer, pH 7.4. After incubating for 18 hrs, 1.0 M 

hydroxylamine hydrochloride (159417, Sigma Aldrich, Mississauga, ON, Canada) was added and the 

solution was stirred for an additional 5 hrs. The conjugate was dialyzed with Slide-A-Lyzer Dialysis 

Cassette 0.1-0.5 mL molecular weight cut-off 10,000 (ThermoFisher Scientific, Waltham, MA, USA) 

for two 2 hr increments, replacing the dialysis buffer each time, before a final dialysis in fresh buffer 

overnight.  

Next, the concentration of the dialyzed solution was determined using a Micro BCA™ 

Protein Assay Kit (23235, ThermoFisher Scientific, Waltham, MA, USA). The phosphate buffer (2 

µL) was used as a control and 2 µL of the dialyzed HA-BSA conjugate were mixed according to 

instructions of the manufacturers along with several concentrations of BSA (10%, 20%, 30%, and 

60% 1mg/mL) to form a standard curve (Figure 2.2). After allowing 40 mins. for a color formation 

reaction on a shaker at room temperature, absorbance was read with a Beckman Coulter AD340 

Plate Reader Analyzer (Beckman Coulter Canada, LP. Mississauga, Ontario) and AD LD Analysis 

Software (Beckman Coulter Canada, LP, Mississauga, Ontario) using single test, BCA kit settings. 

Absorbance was measured under 562 nm wavelength and a standard curve was plotted by 

subtracting the phosphate buffer control from the BSA standards and the conjugate. Using these 

data points, I calculated a standard line with a slope of y = 0.0522 and R2 = 0.8398 (Figure 2.2). The 

sample reading was divided by the slope of the standard line to get the concentration. Finally, the 

sample concentration (25.1916 µg/2 µL) was divided by 2 µL to get a final concentration of 12.6 

µg/µL.  
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2.4.4.2 Pre-absorption Controls 

Pre-absorption was tested by incubating 50 µL of HA-conjugate stock solution/mL of 1:200 

HA antibody in a similar experiment to that conducted by Hegedűs et al., 2004, and the remaining 

immunohistochemistry protocol was followed as normal (Supplementary Figure A2.4).  

2.5 Confocal Microscopy 

All slides were first viewed on a conventional Leica DM 4000 B fluorescent microscope 

before being photographed on a Zeiss LSM 510 laser scanning confocal microscope (Carl Zeiss, 

Thornwood, NY, USA) using 543 nm helium-neon laser or 488 nm argon laser to view Alexa Fluor 

conjugates. Emissions were collected using band-pass filters (BP565-615, Carl Zeiss AG): 480-520 

nm and 500-615 nm through a 10x 0.45 NA objective (Plan-Apochromat SF25, Carl Zeiss AG), 25x 

0.80 NA objective (LCI Plan-Neofluar, Carl Zeiss AG), or a 40x 0.95 NA objective (Plan-

Apochromat M27, Carl Zeiss AG). Preps double-labelled with DAPI were visualized under UV light 

using a Zeiss LSM 710 laser scanning confocal microscope (Carl Zeiss, Thronwood, NY, USA). 

Confocal image z-stacks of sections ranged from 30-60 µm depth (depending on thickness of 

cryosection). Whole-mount confocal images were more variable; however, care was taken to ensure 

that z-stacks also included several scans above and below the regions of interest to ensure that the 

entire area of interest was captured. The distance between sections was set using optimal interval 

settings, resulting in a range between 0.8- 0.9 µm. Z-stacks were converted into maximum intensity 

or standard deviation projections using Fiji (ImageJ v3.2.1 for Mac OS X, National Institute of 

Health, Bethesda, MD, USA, Schindelin et al., 2012) and Zeiss ZEN2009 software. Final figures 

were constructed using Adobe Photoshop CC 2015 (Adobe Systems, Inc., San Jose, CA, USA) 

and Fiji with adjustments for size, contrast, and brightness to ensure figure consistency without 

compromising scientific validity. Schematic diagrams were drawn using Adobe Photoshop CC 2015.  
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2.6 Data Analysis 

Numerical values, including neuron diameter, were measured with Fiji with scale information 

captured by Zeiss ZEN2009 software. Values are expressed as mean ± standard deviation (n = 

number of measurements). Scale bars in figures were also measured via Zeiss ZEN2009 and Fiji 

software, and are representative of 100 µm lengths, unless otherwise specified.  

2.7 Molecular Work 

While one cephalopod genome has been completely sequenced (O. bimaculoides, Albertin et 

al., 2015), the S. officinalis genome is still in progress. Thanks to previous work from the BOREA 

laboratory in Paris, France, I had access to the mRNA probe sequences and primers for 

FMRFamide and synaptotagmin. Using the National Center for Biotechnology Information (NCBI) 

database, I searched for the histidine decarboxylase (HDC) gene sequence using a Basic Local 

Alignment Search Tool (BLAST) to find the gene in two closely related genera, Octopus and Loligo. I 

then found small segments of base pair sequences that were conserved across the two genera using 

multiple sequence alignment software Clustal Omega (EMBL-EBI, Cambridgeshire, UK). The 

hypothesis was that if they were highly conserved across these two genera, then the sequence is most 

likely important for protein expression and therefore it should also be conserved in S. officinalis.  

From these mRNA sequences, I selected several potential primer pairs, each containing a 

forward primer near the beginning of the sequence and a reverse primer near the end. Primer 

sequences were selected with special care to design a primer that would ensure an appropriate probe 

length, n (by limiting the number of specific nucleotides in the sequence that were uncertain), and 

prevent the primer from folding on itself. The primers were then synthesized by Eurofins Genomics 

(Ebersberg, Germany). The primers reported in Table 2.5 are the primer pairs that ultimately 

succeeded in replicating the gene of interest and were used in the remainder of the study. 
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2.7.1 Polymerase Chain Reaction 

I performed polymerase chain reaction (PCR) with previously extracted cDNA from S. 

officinalis. RNA was extracted from a separate collection of unfixed S. officinalis embryos from stages 

29 to 30 using Tri Reagent (MRC, Cincinnati, OH, USA). cDNA was then obtained via reverse 

transcription with Omniscript reverse-transcriptase (QIAgen, Valencia, CA, USA) and frozen in 

aliquots at -20° C for future experiments. PCR was performed using a pair of forward and reverse 

primers (see Table 2.5). PCR conditions were: primary denaturing step; 95° C for 5 min cycles for 30 

secs., 60° C for 1 min, and 72° C for 1 min for 35 cycles; and a final extension at 72° C for 15 mins. 

In addition to amplification, this step also confirmed that our sequence was part of the natural 

transcriptome of S. officinalis, since it must be available from the extracted cDNA template to be 

amplified. After PCR, I performed gel electrophoresis to determine the product length was 

comparable to our predicted length (see Section 3.2.1.1 and Figure 3.1). The PCR products were 

cloned into TOPO4 vector (Invitrogen, Carlsbad, CA) and sequenced by Eurofins-Cochin (Cochin 

Sequencing Platform, Paris, France; Figure 2.3). The TOPO4 vector has M13 forward and reverse 

polymerase sites, that were used in combination with forward and reveres primers to obtain the 

sense and antisense probes. RNA probes were obtained with digoxigenin (DIG) RNA labeling mix 

kit from Roche (Mannheim, Germany).  

2.7.2 Probe Synthesis 

I synthesized probes from our HDC, FMRFa, and synaptotagmin sequences for ISH. The 

probe synthesized in the forward direction (from the T3 site in the vector using a T3 polymerase) is 

the sense probe which acted as a negative control (Supplementary Figure A2.1) because it cannot 

bind to the endogenous mRNA in ISH. The antisense sequence, synthesized in the reverse direction 

(from T7 using a T7 polymerase), is a complement of the mRNA and therefore binds to 
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endogenous mRNA, resulting in a localized reaction that labels the presence of mRNA in the tissue 

of a ISH experiment.  
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 Table 2.5 Primer Designs for ISH Probe Synthesis. Including gene name, Accession number from NCBI, forward and 

reverse sequences, fragment length, and reference if previously published.  

Gene Name 
GenBank 
Accession 
Number 

Forward (5′-3′) 

Reverse (5′-3′) 

Fragment 
length (in 

base pairs) 

Reference (if 
previously 
published) 

FMRFamide-
related peptides 

Y11246 

Forward: 
GCCCTGTCAGGAGATGCTTTC 

Reverse:  

GAACCTCTTGTCGGCTTCTG 

668 

Loi and Tublitz, 
1997 

Aroua et al., 2011 

 

Synaptotagmin 
JX983553 

 

Forward: 
GACCATAGTGTGTCTCGATAT 

Reverse: 
TAGTCCATAGAATATTGAAGT 

665 
Nomaksteinsky et 

al., 2013 

Histidine 
decarboxylase 

MF358902 

Forward: 

CCATTGATTACATGCA 

Reverse: 

CACATGGTCCCAGCTTCTTTCAAGGG 

352 Current study 

 

4
1
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2.7.3 In situ Hybridization in whole-mount 

ISH was performed in RNase free conditions on whole embryos with at least 3 replicates. 

After rinsing the stored embryos in PBS at room temperature, the embryos were washed in PTW 

(1% Tween 20 [Sigma Aldrich, Mississauga, ON, Canada] in PBS). Tissues were gradually 

dehydrated in a 25%, 50%, and 75% methanol/PTW solution for 5 mins each, before resting in 

100% methanol for an hour. The reverse was then done to gradually rehydrate the tissue (25%, 50%, 

and 75% PTW/methanol) before returning the embryos to 100% PTW for 10 mins. In addition to 

the dehydration/rehydration procedure, proteinase K (Invitrogen) was added to the PTW at 0.50 

mg/mL for 45 mins at 37° C to disrupt the protein matrix in the outermost epithelium. Embryos 

were then refixed for 1 hr in 4% PFA.  

Next, the embryos were transferred gradually from PTW to a hybridization solution (50% 

deionized formamide, SSC (sodium chloride/sodium citrate; 20x, 0.3 M sodium citrate, 3 M NaCl), 

H2O treated with DEPC (diethyl pyrocarbonate; Sigma), and 1% Tween 20). A pre-hybridization 

mixture was created by adding heparine (0.075 mg/mL) and tRNA (0.015 mg/mL) to the 

hybridization solution for blocking. The embryos were then incubated in this mixture for 6 hrs at 

55° C. Hybridization with probes (60 ng/mL) was then performed for a minimum of 16 hrs to 

several days at 41° C. Embryos were then gradually transferred to SSC solution at 55° C, and then 

transferred to MABT (maleic acid buffer containing Tween 20) buffer (100 mM maleic acid, 150 

mM NaCl, 175 mM NaOH, 0.1% Tween 20). Embryos were then further blocked in blocking buffer 

solution (4% blocking powder (Roche), 15% fetal bovine serum [Sigma], in MABT) for 1 hr at room 

temperature. They were then incubated overnight in the antibody mix (blocking buffer solution with 

anti-Digoxigenin- alkaline phosphatase; DIG-AP antibody; Roche) at 4° C.  
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After several quick washes in MABT to remove unbound antibody, a 10 mM EDTA (Sigma 

Aldrich, Mississauga, ON, Canada) solution removed extra calcium and magnesium chloride from 

the embryos. The embryos were then repeatedly rinsed in MABT for the remainder of the day. 

Finally, embryos were placed in AP (alkaline phosphatase) buffer (0.1 M TRIS pH 9.5, 0.1 M 

NaCl, 0.05 M MgCl2, and 0.1% Tween 20). The revelation step was done with the addition of 

levamisol (0.5 mM), 5-bromo-4-chloro-30-indolyphosphate p-toluidine salt (BCIP; Roche) and 

nitroblue tetrazolium chloride (0.34 mM) until desired contrast was reached, approximately 24-72 

hours incubation time. The reaction was stopped by washing in PTW solution. Embryos were then 

fixed again in 3.7% PFA in PBS for 24 hrs. Embryos incubated with sense probe did not show any 

coloration after revelation.  

2.7.4 In situ Hybridization on Sections 

ISH was also conducted on cryosections prepared in RNase-free conditions. While most of 

the procedure is consistent with whole-mount preparations, any permeability treatments such as the 

methanol dehydration steps and proteinase K were unnecessary and therefore omitted. After initially 

rinsing the slides in room temperature PBS, sections were rinsed in SSC (5x). Slides were then 

incubated in a humid chamber at 65° C for 2 hrs in the pre-hybridization buffer (50% deionized 

formamide, SSC (5x), 40 µg/mL salmon sperm DNA, Denhard’s (5x), and Dextran sulfate 10%). 

The hybridization buffer included an addition of 300 ng/mL of probe to the prehybridization buffer 

and was left overnight in the humid chamber. After rinses in SSC 2x and SSC 0.1x at 65° C, slides 

were transitioned to MABT and then 1 hr in MABT with blocking buffer 4% and fetal bovine serum 

15% at room temperature. Sections were then incubated in antibody anti-DIG-AP 1/500 (in 

blocking buffer 1%, fetal bovine serum 5%, and MABT 94%) at 4° C for 2 hrs. Slides were rinsed in 

MABT and then left at room temperature in MABT overnight. Finally, AP buffer (Tris-HCl pH 9.5 
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100 mM, NaCl 100 mM, MgCl2 50 mM, Tween 20 0.1%)-levamisol 1 mM was added to the sections 

for 20 minutes before revelation with the addition of 150 µg/mL BCIP and 300 µg/mL nitroblue 

tetrazolium chloride until desired contrast was reached. Slides were then rinsed and mounted with 

Mowiol (EMD Milipore, Billerica, MA, USA) mounting medium (6 g glycerol, 2.4 g MOWIOL 

(Hoechst); 6 mL dH2O, 12 mL 0.2 M Tris, pH 8.5) for viewing.  
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Figure 2.1 Diagram Illustration of DiI Protocol Experiment Design. Cuttlefish embryos fixed in 4% PFA overnight were 

mounted in 10% agarose medium in a culture well so that the olfactory epithelium was exposed but the rest of the head was 

completely immobilized. A crystal of DiI was placed on the olfactory pit for 24 hrs. External DiI was then rinsed with PBS 

and the embryos were stored in PBS to allow appropriate time for migration of the dye to the olfactory lobe. 
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Figure 2.2 Linear Plot to Determine Histamine-BSA Conjugate Concentration. 

Absorbance for each concentration of BSA protein was plotted with a standard linear plot 

to determine slope and extrapolate the concentration of the HA-BSA conjugate.   
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Figure 2.3 Topo4 Vector Map by Invitrogen Life Technologies. Used to create T3 or 

T7 probes including locations and sequence for reverse primer site, T3 priming site, 

insertion location of PCR product, T7 priming site, and forward priming site.
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Chapter 3: Histamine in the Olfactory System of Sepia officinalis 

3.1 Histamine 

Histamine (HA) is used for intercellular communication throughout the animal kingdom and 

is found in multiple systems including digestion, immune-defense, bronchoconstriction, 

vasodilation, and respiration (Haas et al., 2008). HA is perhaps most associated with the immune 

system, as it is critical to inflammatory responses and auto-immunity. It is also important for gastric 

acid secretion in the stomach. HA is in the vertebrate brain, found in the hypothalamus, pineal, and 

olfactory bulb (OB; Halasz and Shepherd, 1983). HA acts as a neurotransmitter in second order 

neurons in peripheral sensory systems, such as the somatosensory, nociception, cutaneous itch, and 

chemosensory systems. It is present in the glomerular layer of the rat OB (Haas et al., 2008). There, 

it is thought to be a presynaptic inhibitor of the primary olfactory sensory neurons (OSNs) 

(Wachowiak et al., 2002).  

HA is also involved in insect and crustacean sensory systems. Although most often cited as 

the neurotransmitter of photoreceptors in arthropods (Stuart, 1999), HA also inhibits OSNs by 

activating the ligand-gated chloride channels present in OSNs, thereby suppressing both 

spontaneous and odor-evoked spikes and mediating inhibition (McClintock and Ache, 1989; 

Wachowiak et al., 2002). Synthesis of HA has been observed in the central nervous system (CNS) of 

lobsters where the axons of the OSNs terminate (McClintock and Ache, 1989; Orona et al., 1990).  

In molluscs, several studies have identified HA-ergic neurons in the CNS of Aplysia 

californica, Lymnaea stagnalis, Helix pomatia, Biomphalaria spp., and Limax valentianus (Soinila et al., 1990; 

Elste et al., 1990; Hegedűs et al., 2004; Habib et al., 2015; Matsuo et al., 2016). As in vertebrates, 

insects, and crustaceans, molluscs have HA in the olfactory processing center, the procerebrum, 

where it modulates oscillating local field potentials which are thought to assist in the modulation and 
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storage of olfactory memory (Gelperin et al., 2000; Matsuo et al., 2009; Kay, 2014; Matsuo et al., 

2016). There is also evidence of HA-ergic fibers in receptor cells of the statocysts (Soinila et al, 1990; 

Ohsuga et al. 2000; Braubach and Croll, 2004), in the chemosensory neurons of the superior 

tentacles of L. valentianus (Matsuo et al., 20016), upper tentacles of H. pomatia (Hegedűs et al., 2004), 

and tentacles in L. stagnalis and Biomphalaria spp. (Wyeth et al., 2011; Habib et al., 2015).  

In previous reviews of neurotransmitters in the cephalopod brain, some have suggested HA 

may be present in the cephalopod CNS (Tansey, 1979; Messenger, 1996). Since then, there have 

been few studies of HA in cephalopods, but to my knowledge it has never been described in the 

olfactory system.  

Therefore, based on previous studies in molluscs, vertebrates, insects, and crustaceans, I 

hypothesized that HA is present in the olfactory system of S. officinalis and have sought to describe 

the location and role of HA in this system. To do so, I developed and synthesized an ISH probe for 

histidine decarboxylase (HDC), the enzyme which catabolizes the decarboxylation of histidine into 

HA. 

3.2 Results 

3.2.1 Histidine Decarboxylase mRNA ISH Probe  

3.2.1.1 Sequencing Histidine Decarboxylase 

As stated in Chapter 2, I designed two primers by aligning other HDC sequences in Octopus 

and Loligo genome fragments (not shown). Based on these alignments, the S. officinalis sequence had 

an expected length of 550 base pairs. The PCR of the S. officinalis cDNA with the two primers was 

analyzed via gel electrophoresis to determine if the PCR product had a comparable sequence length 

(Figure 3.1).  
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3.2.1.2 Phylogenetic Analysis  

The PCR product was sequenced to confirm that it was HDC. The nucleotide sequence was 

aligned with Octopus bimaculoides histidine-decarboxylase-like predicted mRNA sequence (Figure 3.2).  

3.2.1.3 HDC Probe Synthesis 

Based on this alignment, we ordered a plasmid containing a smaller region of the sequence 

(352 base pairs) and synthesized two new primers for the two new ends of our shorter sequence. 

Our results from five PCRs on the plasmid are shown in Figure 3.3. As a control experiment, the 

PCR amplicon of the forward and reverse primer was run in column one of the gel, and 

demonstrates a HDC sequence length of 352 base pairs. The other four columns are combinations 

of the M13 DNA sequencing primers and our custom primers which were then isolated and purified 

to be used as our sense and antisense probes. The final sequence was published to the GenBank 

under accession number MF358902.  

The amino acid sequence of the S. officinalis was predicted using a +3-forward frameshift 

reader with the Octopus HDC peptide sequence as a guideline (Figure 3.4) which I used to create the 

phylogenetic trees and alignments shown in the Chapter 5 Discussion.  

3.2.2 Olfactory Organ 

ISH of the HDC antisense probe (Figure 3.5) stained the olfactory organ in whole-mount 

(Figure 3.5 A-C). At higher magnification and in sections, this appeared as darkly stained spherical 

cell bodies within a more lightly stained olfactory epithelium (OE). Most of the cell bodies were 

found in the ventral end of the olfactory organ (Figure 3.5 B). In sections, the majority of the 

staining was seen below the outer layer of OE (Figure 3.5 D-F), with cell bodies approximately 10 

µm in diameter (n= 12). The most intense staining was restricted to the olfactory organ, although 

there was sparse staining surrounding the OE (Figure 3.5).     
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3.2.3 Olfactory Nerve 

ISH also showed the olfactory nerve (Figure 3.5 A), visible from its starting location on the 

anterior end of the olfactory organ.   

3.2.4 Olfactory Lobe 

HDC antisense probe ISH showed cell bodies in the olfactory lobe (mean width [left-right] 

= 98.6 µm ± 14.5 µm, n= 4; mean length [dorsal-ventral] = 111.8 µm ± 17.6 µm, n= 5). The 

olfactory lobe tapered at the posterior and anterior ends, creating a smaller area in the anterior and 

posterior sections, as seen in Figure 3.6. At its maximum width, the lobe contained 14 identifiable 

cell bodies (mean diameter 7.1 µm ± 2.3 µm, n=5) with HDC mRNA. HDC-positive cell bodies 

were also visible in the optic, dorsal-basal, peduncle, and dorsal-lateral lobes (Figure 3.6).  

3.3. Histamine Immunohistochemistry 

To further elucidate the cell-body structures that were observed in the olfactory organ and 

lobe using HDC ISH, I also used HA antibody in immunohistochemistry.  

3.3.1 Olfactory Organ 

 Whole-mount immunohistochemical staining at stage 28 revealed the olfactory organ due to 

the isolated immunoreactivity of that region. The olfactory organ was approximately 96 µm thick 

(from apex of outer curve to the nerve), and 492 µm in base diameter. The most apparent features 

observed were small, high intensity elements, 3.6 µm2 ± 2.1 µm2 (n=63) in area found throughout all 

layers of the olfactory organ in a dispersed pattern (Figure 3.7 A). This staining was consistent in all 

olfactory organs and was not in the head or mantle epithelium. The histamine-like immunoreactivity 

(HA-LIR) at higher magnification Figure 3.7 B) demonstrated that these elements were consistently 

at the apical ends of faintly stained cell bodies, either directly proximal to a cell body or along a thin 

neurite extending to the organ’s surface OE (Figure 3.7 C, D). These cell bodies had dim staining 
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around the membrane and in the cytoplasm, but not in the large nucleus. Their diameters averaged 

14.0 µm ± 2.2 µm (n=11).  

 To demonstrate that anti-HA staining was not a result of autofluorescence, 

immunohistochemistry was also performed with a secondary antibody conjugated to biotin (not 

shown). Again, anti-HA labeled round neuronal shaped cells appeared in several transverse sections 

(40 µm thick) taken through the olfactory organ.   

3.3.2 Olfactory Nerve 

The olfactory nerve, which originates in the underlying neuropil of the olfactory organ 

(Figure 3.7 A), contained brightly stained HA-LIR fibers bundled into a thick projection 

approximately 17.5 µm ± 2.7 µm in diameter (n=10). The projection trajectory of the olfactory 

nerve is described in more detail in Chapter 4.  

3.3.3 Olfactory Lobe 

The triangular shape of the olfactory lobe was easily observed with immunohistochemistry 

of anti-HA (Figure 3.8). Numerous cell bodies (n= ~30) with mean diameters of 9.7 µm ± 1.8 µm 

(n=13) were distributed around the lobe. While there was no neuropil apparent in the olfactory lobe 

of Figure 3.8, there was dim neuropil staining in the peduncle (the narrow band of neuropil directly 

lateral to the olfactory lobe), as well as the neuropil and cell bodies on the dorsal edge of the dorsal-

basal lobe. The area was calculated by multiplying the width at the widest point by the perpendicular 

length, and then dividing by two (the equation for the area of a triangle), to give us an approximate 

average area of 202.0 µm2 ± 64.9 µm2 (n=16) in medial sections of developmental stage 27 embryos. 

The main branch of the olfactory nerve was also seen entering the ventral end of the olfactory lobe 

(diameter= 42.7 µm ± 9.2 [n = 3]).  
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3.4 Discussion 

 For the first time, HA-LIR and HDC expression has been described in the olfactory system 

of S. officinalis. To my knowledge, this is also the first visualization of HA and HDC in the CNS of a 

cephalopod.  

BLASTp (basic local alignment search tool, protein) algorithms retrieved 80 sequences that 

were available as of May 2017 from the National Center for Biotechnology Information (NCBI) 

database, confirming that both nucleotide and amino acid sequences were recognizable as HDC in 

other invertebrates, including other molluscs and arthropods (Figure 3.9) and in well described 

model organisms (Figure 3.10). In addition, a multi-sequence alignment of the five molluscan HDC 

amino acid sequences available on NCBI showed a high level of conservation with the S. officinalis 

sequence (Figure 3.11).   

HA-LIR and HDC expression both appear in the neurons of the olfactory lobe and organ. 

Although I was not able to double-label anti-HA and HDC ISH, cells were consistent in 

approximate number, size, and relative location between the two procedures. These consistencies 

suggest that both ISH and immunohistochemistry are labeling the same neurons. Due to the 

presence of HA and HDC in both the organ and lobe, it is not possible to comment on efference or 

afference.  

Cell bodies and their apical projections were visible with HA-LIR in the olfactory organ. 

Their morphology greatly resembled a type V neuron (Figure 3.12; Emery, 1975). These cells are 

suggested to be differentiated sensory cells with “ciliated plates” at the end of apical neurites. Emery 

also describes a dense granule at the distal end of the ciliated cavity which is thought to act as a plug 

with cilia extending through it. The high intensity elements described here with HA-LIR may be the 

ciliated plates or plugs that Emery describes.   
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Considering that the HA-LIR neurons had a relatively low concentration in the olfactory 

organ compared to the abundance of DAPI nuclear stain (not shown), HA cannot be the only 

neurotransmitter of OSNs in cephalopods. This conclusion is consistent with previous estimates 

that approximately 20% of the cells in the olfactory organ are OSNs, and 3-5% of cells are type V 

(Mobley et al., 2007). However, it is difficult to determine if all type V OSNs are HA-LIR, so the 

estimate may be lower.  

The presence of HDC in the olfactory organ could be an indication of HA synthesis. HDC 

would not be present in the olfactory organ if HA was synthesized elsewhere and used as an efferent 

neurotransmitter on the OSNs unless HDC mNRA could experience anterograde transportation 

down the axon. The increase in HDC ISH staining intensity suggests an increased concentration of 

this enzyme during stages 28 to 30.   

Both the HA antibody and HDC mRNA probe also clearly labeled the olfactory nerve. 

While there have been no indications of HDC mRNA transport previously (Eriksson et al., 1998), 

axons sometimes contain mRNA (Piper and Holt 2004). This has been particularly observed in OSN 

axons (Vassar et al., 1994; Mombaerts et al., 1996; Treolar et al., 2010). Therefore, it is possible that 

HDC may be transported in the axon. I suggest future studies examine HDC as a candidate for an 

mRNA that undergoes axonal transport and HA as a protein that undergoes synaptic synthesis.  

There was also an abundance of HDC-mRNA in the cell bodies of the olfactory lobe, which 

suggests another location of HA synthesis. HA may also be a neurotransmitter of the second-order 

neurons. HDC-positive cell bodies were also in the optic lobe, dorsal-basal lobe, and peduncle lobe, 

although not as dense as in the olfactory lobe. Because of this sparsity in the rest of the CNS, and 

the lack of visible HA-labeled projections from the olfactory lobe to other parts of the brain, HA in 

the olfactory lobe may not project to other areas of the brain, but instead be contained in the 
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olfactory system. This isolation would suggest that the only connection between the HA in the 

olfactory lobe and the HA in the olfactory organ is the nerve. However, this hypothesis cannot be 

verified without confirmation from anti-HA immunohistochemistry in the CNS.   

This experiment is the first instance of HA being suggested as an OSN neurotransmitter, as 

none of the previously described vertebrate, insect, nor crustacean species have produced HA in 

their OSNs. Rather, in vertebrates, insects, and crustaceans HA is produced in glomerular 

interneurons and is used as an efferent inhibitor on the OSNs. Due to the consistent staining of 

anti-HA in the OSNs (although faint) and presence of HDC in the olfactory organ, efferent 

inhibition cannot be the only functionality of HA in cuttlefish, although it cannot be discounted 

completely. There may be an efferent modality in addition to the afferent modality where HA-LIR 

neurons in the olfactory lobe project their axons via the nerve to the organ, which would explain the 

HA-LIR and HDC expression in the lobe.  

In this chapter, I presented evidence that HA is synthesized and utilized as a putative 

neurotransmitter in the olfactory system of S. officinalis. Its presence in the olfactory organ type V 

sensory neurons and in the olfactory lobe second-order neurons suggests that it is involved with 

OSN messaging, but more analysis must be done to determine the exact functionality and 

directionality.  

This conclusion implies that HA may be a common neurotransmitter of sensory neurons 

throughout the molluscs. HA has been well described in the sensory neurons of statocysts (Soinila et 

al., 1990; Elste et al., 1990; Ohsuga et al., 2000), and has also been described as an abundant 

neurotransmitter in other peripheral regions of gastropods such as the tentacles, lips, and anterior 

foot (Hegedűs et al., 2004; Wyeth and Croll, 2011; Habib et al., 2015). If HA is found to be a shared 

characteristic of the OSNs in all molluscs, this would distinguish them from vertebrates, insects, and 
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crustaceans, which use HA to inhibit the OSNs (McClintock and Ache, 1989; Orona et al., 1990; 

Wachowiak et al., 2002) and glutamate as the primary OSN messenger (Croset et al., 2010). It will 

therefore be interesting to note the principal neurotransmitter of OSNs in future gastropod and 

cephalopod studies, as more species are described and amalgamated into our ever-expanding 

understanding of olfactory evolution.   
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Figure 3.1 Gel electrophoresis of histidine decarboxylase (HDC). The PCR product 

was estimated to be approximately 550 base pairs based on its migration distance 

compared to the standard ladder where the thick middle band represents 600 base pairs 

(dotted line). 
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Figure 3.2 Alignment of S. officinalis and O. bimaculoides nucleotide sequences. 

Final published sequence of S. officinalis HDC (MF358902) aligned with the O. 

bimaculoides predicted HDC mRNA sequence (NCBI Reference Sequence: 

XM_014913957.1) and the original S. officinalis 550 base pair PCR amplicon. Brackets 

represent the forward and reverse primer pair used to design the HDC probe.  
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Figure 3.3 Isolated and purified segments for probe synthesis. Column one: gene 

forward and reverse primers demonstrate HDC sequence (352 base pairs). Comparison 

to the thick ladder band (600 base pairs). Columns two through four: the other possible 

combinations of M13 polymerase sites and sequence primers.  
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Figure 3.4 Nucleotide to amino acid translator and frameshift reader. Frameshift was 

+3 to match peptide sequence with O. bimaculoides histidine decarboxylase-like amino 

acid sequence (NCBI Reference Sequence: XP_014769443.1).   
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Figure 3.5 Histidine decarboxylase mRNA ISH probe in the olfactory organ. (A) 

Whole-mount staining of the olfactory organ at stage 28 with the olfactory nerve visualized 

with the HDC probe. (B) HDC probe in the olfactory organ at stage 30. (C) Higher 

magnification of the olfactory organ in whole-mount. Dotted line indicates cluster of cell 

bodies at the ventral end of the organ. (D) HDC ISH in sections of the olfactory organ with 

cell bodies in the OE (arrows). Scale bars = 100 µm. 
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Figure 3.6 Histidine decarboxylase ISH mRNA probe in the olfactory lobe. 

Diagrammatic representations of the orientation of the embryo and the direction of 

sectioning. From posterior (A) to anterior (D): transverse sections are 40 µm thick. Scale 

bars are approximately 100 µm. 
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Figure 3.7 Histamine-immunoreactivity in the olfactory organ. (A) Whole-mount 

olfactory organ (Olf O) in stage 29 embryo labeled with anti-HA, with bright elements 

(arrowheads) in the olfactory organ and a distinct olfactory nerve (Olf N). (B) High 

magnification (40x) of HA staining in stage 27 section the olfactory organs with bright 

elements along apical projections (arrows). (C) HA-LIR in elements along apical 

projections and in dimly labeled cell bodies in a section of olfactory organ. (D) A high 

magnification image of HA-LIR cell bodes extending apical projections (arrow) to the 

surface of olfactory organ, with a bright element near the tip in stage 27 section. Scale 

bars A and C: 100 µm; B and D: 50 µm. 
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Figure 3.8 Histamine immunoreactivity in the olfactory lobe. Representation of the 

general results from EDAC fixation and anti-HA staining in the CNS. (A) A posterior 

section of a stage 28 embryo showing possible cell bodies in the olfactory lobe (lobule 

one) with almost no visible neuropil. The olfactory nerve (the olfactory tract once it enters 

the brain) projects toward ventral end. (B) A more anterior section in the olfactory lobe 

region of the optic tract. A possible olfactory tract (Olf. N) may be visible entering the 

ventral end of lobule one, but the staining is insufficient for proper interpretation.  Scale 

bar represents 100 µm. 
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Figure 3.9 A phylogenetic tree of HDC peptide using BLASTn algorithm. Pairwise 

alignments of sequences were used to query the non-redundant sequences database 

with the neighbor-joining method. The distance was measured using the Grishin (protein) 

method. S. officinalis HDC sequence denoted with a *; bracket denotes molluscs. 
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Figure 3.10 A phylogenetic tree of HDC sequences using a BLASTn algorithm. 

Pairwise alignments were used to query the model species (landmark) database with the 

neighbor-joining method. The distance was measured using the Grishin (protein) method. 
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Figure 3.11 Alignments constructed by BioEdit (v7.2.6.1, Tom Hall, 1997-2017) of HDC in five different mollusc species. 

Forward and reverse primers denoted with brackets. 
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Figure 3.12 Cephalopod olfactory receptors cells 1-5. Adapted from Emery, 1975 and published with permissions. 

Diagrammatic representations of the types of receptors found in this study. Type V is most consistent with what I observed 

as HA-LIR cell bodies. 
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Chapter 4: The Organization and Development of the Olfactory Lobe 

4.1 Introduction 

In the previous chapter, I described histamine (HA) as a putative neurotransmitter in a class 

of olfactory sensory neurons (OSN) in the olfactory organ of the cuttlefish. These OSN axons enter 

the olfactory lobe through the main branch of the olfactory nerve. There are also HA-LIR neurons 

and histidine decarboxylase (HDC)-positive neurons in the olfactory lobe. However, the HA 

pathway would only comprise 3-5% of the OSNs if HA is limited to the type V neurons of the 

olfactory organ (See Chapter 3: Histamine in the Olfactory System of Sepia officinalis; Mobley et al., 

2007). Therefore, to further augment the previous descriptions of the organization of the olfactory 

system, I used other neurotransmitters and structural stains.  

In addition to improving historical descriptions of the olfactory lobe (See Section 1.4.3) 

using more modern techniques, my secondary purpose was to look for glomerular-like structures. 

Here, I define olfactory glomeruli as being of relatively similar size and shape to vertebrate, insect, 

and crustacean glomeruli, and containing interneurons and synaptic terminals of OSNs. Thus far, 

there have been no descriptions of glomerular-like structures in cephalopods. The Nautilus olfactory 

lobe has previously been described as layered, with multiple laminated zones of bands of fibers 

(Young, 1965). Additionally, the Octopus olfactory lobe was much smaller than the nautilus lobe and 

had no apparent large-scale organization (Young, 1971). However, these descriptions were included 

as subsections of large bodies of work describing the entire nervous systems, and have not been the 

focus of isolated study. These studies also were conducted before glomerular structures were defined 

as a unit, and before the realization that they may be morphologically similar across phyla. 

Therefore, in describing the organization of the olfactory lobe in unprecedented detail, I also look 

for glomerular-like structures in S. officinalis.  
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In preceding literature, all descriptions of axons from the olfactory organ project to or 

around the olfactory lobe. It has been thought to be the termination location of synapses of OSNs 

(Boycott, 1961). I therefore hypothesized that if there were olfactory glomeruli, they would be 

present in the olfactory lobe, the location of the OSNs synapses. 

4.1.1 Development 

Embryos from three distinct timepoints in development, early (stage 25), late (stage 27-29), 

and after hatching (approximately 1 week old), were used to describe the development of the 

olfactory system and the neuropil of the olfactory lobe (Figure 4.1). For a general understanding of 

CNS development in Cephalopods, see Shigeno et al., 2001a; Shigeno et al., 2001b; and Yamamoto 

et al., 2003.  

Two structural stains, phalloidin and DiI ((2Z)-2-[(E)-3-(3,3-dimethyl-1-octadecylindol-1-

ium-2-yl) prop- 2-enylidene]-3,3-dimethyl-1-octadecylindole; perchlorate), were used in conjunction 

with several neurotransmitters and peptides that have been previously described as abundant in the 

olfactory lobe: FMRFamide (FMRFa), serotonin (5-HT), and APGWamide (APGWa), in addition to 

the newly described HA. 

4.1.2 Phalloidin 

Phalloidin has often been used in molluscan musculature research (Haszprunar and 

Wanninger 2000) and labels neurofilaments in cephalopod CNS (Wollesen et al., 2009). Phalloidin 

has also been described as a consistent marker used to visualize glomeruli in a wide variety of species 

(Rossler et al., 2002). Vertebrate OSNs are replaced by basal cells throughout the lifetime of an 

organism, so there is a constant turnover of glomerular synapses (Rossler et al., 2012). Likewise, due 

to the multiple changes to the nervous system during embryonic and adult development, insect 

glomeruli experience a high degree of plasticity. Rossler et al., (2012) used phalloidin to label the 
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filamentous (F)-actin in glomeruli through a wide diversity of species, including vertebrates: frog 

(Xenopus laevis), axolotl (Ambystoma mexicanum), goldfish (Carassius auratus), and invertebrates: moth 

(Manduca sexta, and Antherea Polyphemus), honeybee (Apis mellifera), ant (Harpegnathos saltatory) and 

cricket (Gryllus bimaculatus). In all species, glomeruli have a much higher phalloidin concentration and 

intensity than the surrounding tissue. This concentration is most likely because actin-based 

cytoskeleton plays an important role in synaptic plasticity of glomeruli, particularly in terminals of 

OSN axons in insects and dendritic terminals of vertebrate olfactory bulb neurons (Ennis et al., 

1998). Due to this inter-phylum consistency, and the ability to use phalloidin to describe cephalopod 

CNS, I used the F-actin stain to identify the neuropil of the olfactory lobe and to look for 

glomerular-like structures in cuttlefish.  

4.1.3 DiI 

DiI, a fluorescent lipophilic dye that follows continuous membranes, has been used in a 

variety of physiological studies, to identify the Xenopus extrabulbar olfactory pathway (Pinelli et al., 

2004), the moth olfactory lobe (Oland and Tolbert, 1998), and gastropod peripheral sensory cells 

(Wyeth and Croll, 2011). In this study, I used it to trace the olfactory nerve from the olfactory organ, 

mapping its projection to the olfactory lobe.  

4.1.4 Synaptotagmin 

Synaptotagmin is a secretory protein abundant in synaptic vesicles in neurons and endocrine 

cells (Marquèze et al., 2000). There have been 11 synaptotagmin genes found in vertebrates, four in 

Drosophila, and four in C. elegans. Synaptotagmin has also been identified in molluscs L. stagnalis 

(Gardzinski et al., 2007), B. glabrate (Lockyer et al., 2007), and S. officinalis (Buresi et al., 2016). It is 

highly evolutionarily conserved and a key component of the exocytosis-endocytosis machinery. 

Synaptotagmin is a useful marker for understanding neuronal connections and visualizing nervous 
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systems because it is universally present in almost all synapses. I used a synaptotagmin mRNA probe 

which was previously designed and synthesized for S. officinalis (Buresi et al., 2016). It was identified 

in the eye, olfactory organ, and palliovisceral ganglia. I used the synaptotagmin mRNA probe to 

visualize the neuropil, delineate separate lobes, and identify key structures in the cuttlefish CNS. 

4.1.5 Acetylated α-tubulin 

The acetylation of α-tubulin is a post translational modification that is thought to increase 

microtubule stability. Cells can carefully control their acetylation levels depending on the sub-cellular 

structure. Due to this modification, acetylated α-tubulin (AcTub) is often found in the axons and 

ciliated cells of adults and developing larvae (Shigeno and Yamamoto, 2002; Baratte and Bonnaud, 

2009; Wollesen et al., 2009; Rawlinson, 2010; Buresi et al., 2014).  

4.1.6 FMRFamide 

FMRFamide-related peptides (FaRPs) are a large family of neuropeptides originally identified in 

molluscs, but also found in the rest of the animal kingdom. One general function that spans almost 

the entire animal kingdom is their modulation of peripheral sensory inputs, including inhibition of 

feeding and regulation of food intake and behavior (Bechtold and Luckman, 2007; Peymen et al., 

2014). FMRFa modulates OSN responses in vertebrates (Eisthen, 2002) and can be found in 

terminal nerve fibers (that originate in the olfactory placode) and olfactory nerves of bony fish and 

amphibians (Northcutt and Muske, 1994; Wirsig-Wiechmann and Oka, 2002). FMRFa is also 

present in the developing embryonic olfactory placode and the olfactory nerve (Roskams et al., 

1994).  

In arthropods, neuropeptides including FMRFa are found in local neurons, although their 

function in the olfactory system is less understood (Hansson and Anton, 2000; Yasuda-Kamatani et 

al., 2006). FMRFa is important for feeding in various gastropod species (Kyriakides and McCrohan, 
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1989; Alania et al., 2004; Bechtold and Luckman, 2007; Peymen et al., 2014; Zatylny-Gaudin and 

Favrel, 2014; Cummins and Wyeth, 2014). The apical sensory organ, a presumptive chemosensory 

organ in larvae, also contains FMRFa-positive cells (Dickinson et al., 2000). FMRFa-positive bipolar 

cells have also been described in the tentacle tips of Limax marginatus (Suzuki et al., 1997) and 

sensory cells in the osphradium in Lymnaea stagnalis (Nezlin and Voronezhskaya, 1997).  

In cephalopods, FaRPs are also known to be neuromodulators of the CNS. They have been 

described to impact chromatophore slow excitation in cuttlefish and octopus, and regulation of the 

circulatory system in cuttlefish (Fiedler, 1992; Loi et al., 1996; Messenger 1996; Mackie et al., 2008). 

FMRFa is present in the olfactory organs, nerve, and lobe (I. notoides, Wollesen et al., 2010a; S. 

officinalis, Le Gall et al., 1988; Aroua et al., 2011; and Octopus vulgaris Di Cosmo and Di Cristo, 1998).   

4.1.7 Serotonin 

In vertebrates, 5-HTergic fibers were visualized entering the olfactory bulb (OB) and can be 

found in all layers, but not in the olfactory nerve (Halasz and Shepherd, 1983). In moths and 

cockroaches, 5-HT is localized in centrifugal neurons that project into the antennal lobes (Hansson 

and Anton, 2000). These 5-HTergic neurons are suggested to serve a modulatory function on 

olfaction. 

In gastropods, 5-HT is found more consistently in the apical sensory organ than FMRFa 

(Dickinson et al., 2000). 5-HT has also been described in the chemosensory rhinophore neurites of 

A. californica (Wertz et al., 2007; Cummins and Wyeth, 2014). 5-HT reactivity is isolated to cellular 

neurites and not found in the somata, so 5-HT production is most likely extrinsic to the rhinophore 

(Cummins and Wyeth, 2014).  

However, 5-HT is not specific to just the sensory systems. 5-HT is associated with the 

innervation of chromatophores (Messenger, 2001; Mackie, 2008) and has also been previously 
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described in the olfactory system (Messenger, 1996; Wollesen et al., 2010a; Polese et al., 2015). It 

first appears in the developing olfactory lobes of the pygmy squid Idiosepius notoides around stage 24 

(Wollesen et al., 2010b) and therefore is present in the olfactory system from the early stages of its 

development.  

4.1.8 APGWamide 

In a study on Octopus reproduction, several neuropeptides, including FMRFa, neuropeptide 

Y, gonadotropin-releasing hormone (GnRH), and APGWa were discovered in the OSNs and fibers 

of the Octopus vulgaris olfactory lobe (Polese et al., 2015). Based on this observation, Polese et al. 

proposed that olfaction may have a possible modulatory role over reproduction based on chemical 

cues. Although no odorant molecules have been linked to the sexual activity of octopus, there have 

been studies in which waterborne pheromonal attractants were purified from S. officinalis (Zatylny et 

al., 2000; Boal et al., 2010; Enault et al., 2012) and Aplysia (Cummins et al. 2009). The abundance of 

the reproductive peptides in the olfactory system suggests APGWa would be a good marker to help 

describe the organization of the olfactory lobe.  

APGWa functions as a neurotransmitter in the gastropod CNS, as well as in the CNS and 

peripheral axons of bivalves (Smith et al., 1997). In some molluscs, such as Helix aspersa (now 

classified as Cornu aspersa), FMRFa and APGWa have been shown to act synergistically, often co-

expressed in the same neurons, with dual projections involved in penile expression (Li and Chase, 

1995; Zatylny-Gaudin and Favrel, 2014). However, other species, like L. stagnalis, have different 

neurons expressing either FaRPs or APGWa that have distinct and different actions on the penis 

retractor muscles (van Golen et al., 1995; Li et al., 1992). In cephalopods, APGWa has been 

described in the inferior frontal system, where it is thought to be involved in reception and analysis 
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of chemosensory information from the suckers (Young, 1972), as well as in the posterior olfactory 

lobule (Polese et al., 2015).  

4.2 Results 

4.2.1 Acetylated α-tubulin and the Olfactory Organ 

The sensory structures of S. officinalis have already been described using anti-AcTub (Buresi 

et al., 2014) and therefore will not be covered in much detail. AcTub immunohistochemistry in 

whole-mount consistently label the olfactory organ. The olfactory organ is identifiable with 

immunohistochemistry against AcTub by stage 25 (Figure 4.2 A). AcTub clearly labels ciliated cells 

in the olfactory epithelium (OE), a basal neuropil, and the olfactory nerve (Figure 4.2). The olfactory 

organ at this stage is approximately 343 µm in diameter and 75 µm thick. The thickness of the organ 

was measured as the longest visible distance from the pit (or the apex of the curve in stage 25 before 

pit formation), to the base of the neuropil where it meets with the olfactory nerve. As the embryo 

develops, the olfactory organ diameter increases in size, while the thickness decreases. The average 

diameter of the olfactory organ in stage 29 is 428.8 µm ± 116.4 µm (n = 15) and the average 

thickness of the olfactory organ is 65.6 µm ± 20.9 µm (n = 24). (Figure 4.2). Approximately one 

week after hatching, the diameter does not increase in size, and has a smaller average diameter than 

the stage 29 measurements (376.5 µm ± 32.4 µm [n = 10], a 12% decrease). The thickness of the 

olfactory organ by approximately one week after hatching increases 89% from stage 29 (average 

depth is 106.7 µm ± 14.0 µm [n = 10]). In addition, an olfactory pit appears in the center of the OE, 

and after sectioning the organ is found to be invaginated with a dome of OE on top. Cilia stained 

with AcTub thickly lined the lumen of the pit.  

Surface visualizations in whole-mount shows large cilia clusters in surrounding the OE 

which is apparent over the entire embryo (Figure 4.2 A). The surface of the organ contains smaller 
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clusters of cilia than the rest of the epithelium and cell bodies that appear to have internalized cilia 

(Figure 4.2 B). Deeper into the tissue, the underlying neuropil of the olfactory organ gathers into the 

olfactory nerve (Figure 4.2 C). In week old hatchlings, the AcTub shows more cell bodies and 

bundles of cilia that appear sub-surface, which are referred to as internalized cilia, than the earlier 

stages (Figure 4.2 D), although surface cilia are still observable around the embryo (not shown). The 

internalized cilia had a mean diameter of 13.5 µm ± 2.0 µm (n = 12). Anti-AcTub labeling was also 

conducted in a double-label experiment with anti-HA in the olfactory organ. At high magnification, 

HA-labeled cell bodies (red, arrows) appear to be completely independent of the AcTub labeling, 

and no co-expression is apparent (Figure 4.2 F). The location of ciliary tufts in relation to the HA-

LIR cells are variable, sometimes appearing near the HA-labeled cell bodies or neurites, but not 

consistently. 

4.2.1.1 Synaptotagmin 

The synaptotagmin probe (previously designed for S. officinalis, Nomaksteinsky et al., 2013) 

was used for ISH. It is abundant in the olfactory organ underneath the outer-most layer of OE and 

extends toward the underlying neuropil (Figure 4.3 A). The dark staining of synaptotagmin probe 

can also be clearly visualized in whole-mount, as the rest of the head and mantle epithelium do not 

have synaptotagmin-positive staining (Figure 4.3 B).  

4.2.1.2 FMRFamide-related Peptides 

FaRP-like immunoreactivity (-LIR) showed dimly labeled bipolar cell bodies (mean 8.4 µm ± 

1.5 µm in diameter, n=11) that project one strongly fluorescent thin neurite to the surface of the 

OE, and the other neurite to the olfactory neuropil below the epithelium (Figure 4.4 A-C). The 

neuropil under the olfactory organ is approximately 38.8 µm in width by 84.1 µm in length (Figure 

4.4 A).  
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The olfactory nerve (mean diameter = 10.3 µm ± 1.6 µm [n = 2]) is also visible in anti-

FMRFa immunohistochemical sections. It starts in the swelling of thick neuropil immediately under 

the olfactory organ and follows the curvature of the olfactory organ before traversing posteriorly to 

the olfactory lobe (Figure 4.4 B).  

The olfactory organ of a stage 27 embryo also contained cell bodies that were visible with 

ISH of a S. officinalis FaRPs mRNA probe that was previously designed (Aroua et al., 2011). The 

FaRPs mRNA antisense probe labels the olfactory organ, as the epithelium of the head and mantle is 

devoid of FaRP-positive staining (Figure 4.5 A). This positive staining in the olfactory organ is 

absent with the FaRPs mRNA sense probe, which was used as a control (Supplementary Figure 

A2.2). At higher magnification, ~33 cell bodies (average diameter ~10 µm) can be quantified in the 

olfactory organ (Figure 4.5 B). No axons nor olfactory nerve are apparent via ISH. Figure 4.5 C and 

D shows the distribution of the FaRPs-ISH labeled cell bodies (n=13, diameter = ~10 µm) through 

two representative sections (40 µM thick) of olfactory organ in an anterior (Figure 4.5 C) and medial 

section (Figure 4.5 D).  

4.2.1.3 Serotonin 

There was no labeling in the cell bodies of the olfactory organ, 5-HT-LIR was completely 

isolated to the neuropil and nerve beneath the OE. This immunoreactivity is visible via 

immunohistochemistry with both DAB (not shown) and fluorescence (Figure 4.6 A, B). The 

neuropil never extended to the edges of the OE; it is restricted to an area 251.7 µm ± 45.6 µm in 

length and 49.3 µm ± 25.3 µm thick (n = 4) at a mean depth of 53.9 µm ± 7.0 µm (n = 5) from the 

surface of the OE (Figure 4.6 A, B). 
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4.2.1.4 APGWamide 

APGWa does not have any immuno-positive cell bodies or neurites in the olfactory organ, 

although the outer membrane neuropil of the optic lobe is intensely immuno-positive (Figure 4.7 A). 

To confirm the lack of APGWa staining, a double-label experiment with anti-FMRFa and anti-

APGWa showed FaRP-LIR cell bodies in the olfactory organ but no APGWa-LIR (not shown).  

4.2.2 DiI and the Olfactory Nerve 

A crystal of DiI, previously placed directly on the olfactory organ for 24 hrs, permeated into 

the olfactory nerve for several months. By looking at individual sections, I can map the pathway of 

the olfactory nerve as it projects from the olfactory organ and terminates in the olfactory lobe 

(Figure 4.8 A, B, grey). As the olfactory organ is positioned more anteriorly than the posterior apex 

of the optic lobe, the nerve first travels posteriorly up the ventral side of the head to reach the top of 

the optic lobe before turning almost 180º and descending anteriorly to the olfactory lobe which sits 

on the optic tract medial to the two optic lobes (Figure 4.8 A, B). Unsurprisingly, the brightest 

staining is where the crystal was placed on the surface of the OE (Figure 4.8 C). The olfactory nerve 

projects from the medial basal neuropil and immediately bends to follow the posterior curve of the 

optic lobe (Figure 4.8 C, D). Sections of the nerve can be followed around the ventral to the medial 

edge of the optic lobe (Figure 4.8 E), where it changes direction and begins to project dorsally, 

through the brain, to the olfactory lobe on the dorsal side (Figure 4.8 E, F). Once it reaches the 

olfactory lobe, the nerve immediately fans into multiple small branching projections that become 

much fainter than the main nerve and therefore harder to visualize (Figure 4.8 F).  
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The olfactory nerve is already completely developed by stage 25 and can be traced around 

the optic lobe to the olfactory lobe in sections stained with anti-AcTub. The olfactory nerve has a 

smaller diameter than in later stages (14.6 µm ± 4.0 µm, n= 4) in comparison to the 20.4 µm ± 3.0 

µm (n= 4) that was described in stage 30.  

4.2.3 The Development of the Olfactory Lobe 

The olfactory lobe is composed of loosely organized neuropil by stage 25, approximately 107 

µm across (left-right) and 160 µm in length (along the dorsal-ventral axis). In late stage embryos 

(stage 27-29), the neuropil averages approximately 255.4 µm ± 86.5 µm (n = 15) in length (dorsal-

ventral axis) and 89.4 µm ± 48.3 µm (n = 15) in width (left-right) across sections. As an extension of 

the optic tract, the lobe also has a substantial thickness (along the anterior-posterior axis) and is 

easily recognizable as being a collection of three lobules (posterior, medial, anterior, or also known 

as lobules one, two, and three, respectively). The lobules are not perfectly in line with each other and 

are off-set in such a way that in medial sections, both lobule one and two are visible in the same 30 

µm thick section, and in more anterior sections lobules two and three are visible together. In 

transverse sections, the olfactory lobe is widest on its dorsal end and narrows towards the ventral 

end forming a triangular shape (See Figure 1.3). In addition, the lobe tapers at its anterior and 

posterior ends, so that the narrowest regions of neuropil are in the far anterior end (lobule three) 

(159.5 µm x 32.9 µm), and the widest regions are the most median section (256.2 µm x 89.6 µm). 

The posterior sections are composed of a layer of neurons that leads to a central neuropil core 

surrounded by neurons in more anterior sections. Lobule three is composed primarily of neuropil 

with fewer cell bodies than lobules one or two due to it being the most interwoven with the optic 

tract. Including the neurons surrounding the olfactory lobe neuropil, the total lobe length (dorsal-

ventral) averages to approximately 271.3 µm ± 81.9 µm (n = 11) and average mean lobe width (left-
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right) is 127.4 µm ± 46.4 µm (n = 11), with the smallest areas being in the anterior-most and 

posterior-most sections (130.0 µm x 70.5 µm and 136.4 µm x 81.1 µm, respectively).  

In the week-old hatchlings, the olfactory lobe has not changed in structure, shape or 

organization, but has increased greatly in size from stage 29. The neuropil in the anterior and 

posterior sections average approximately 411.7 µm by 195.2 µm and 435.4 µm by 67.0 µm. The 

average size of the total lobe length (dorsal-ventral) averages to approximately 528.1 µm ± 67.0 µm 

(n = 15) and mean lobe width (left-right) is 213.0 µm ± 78.4 µm (n = 15).  The optic tract innervates 

the dorsal end of the lobe and the olfactory nerve innervates the ventral end. 

4.2.3.1 Acetylated α-tubulin 

AcTub was a particularly inconsistent stain in the CNS, resulting in approximately 50% of 

experiments successful across all stages (n=40). The most consistent immunohistochemistry results 

(n=3) were from week-old hatchling that were fixed in 4% PFA for 48 hrs. Tubulin stained the 

neuropil of the CNS, particularly in the dorsal-lateral lobe, olfactory lobe, dorsal-basal, optic lobe, 

and peduncle lobe (Figure 4.9 A). It also demonstrated the interconnectivity of the lobes via long 

projections extending from one neuropil to another; in particular, the peduncle commissure between 

the olfactory lobe and the peduncle lobe Figure 4.9 B) and the optic commissure, between the 

dorsal-basal and olfactory lobe (Figure 4.9 D).   

4.2.3.2 Synaptotagmin 

Synaptotagmin mRNA stains dark regions of cell bodies surrounding lobes of the CNS. 

(Figure 4.10). The dark outlines delineate the border between the cell body and neuropil layers. In 

the most posterior section, the peduncle lobe is connected to the dorsal-basal lobe through the 

peduncle commissure (Figure 4.10 A). In Figure 4.10 B, olfactory lobule one is more pronounced 

and its connection to the dorsal-lateral lobe is visible. In more anterior sections, the orientation of 
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the peduncle and dorsal-basal lobes are more apparent (Figure 4.10 C). In the anterior sections, 

olfactory lobules two and three connect to the dorsal-basal lobe via the optic commissure (Figure 

4.10 D). 

4.2.3.3 FMRFamide-related Peptides 

FaRP-LIR is almost exclusively limited to lobule one, although there are a few FaRP-positive 

cell bodies visible in lobules two and three. There are consistently FaRP-LIR cell bodies surrounding 

a central neuropil that connects to the optic commissure (Figure 4.11C). In a posterior section, the 

first cell bodies of olfactory lobule one are labeled (average cell body diameter 11.3 µm ± 2.7 µm 

[n=17]; Figure 4.11 A). As the sections progress in an anterior direction, the neuronal surface of 

olfactory lobule one is visible (cell body average diameter= 10.6 µm ± 2.0 µm [n= 23]; Figure 4.11 

B). The central core of neuropil is visible in the most anterior sections of lobule one, and the cell 

bodies of olfactory lobule two are also visible (Figure 4.11 C).  

Intense FaRP-LIR staining was also present in the rest of the brain, including cell bodies and 

a centralized neuropil in the dorsal-basal lobe (Figure 4.12 A). There are also connections between 

the dorsal-basal and olfactory lobe through the optic tract and peduncle commissure which connects 

the dorsal-basal, olfactory lobe, optic gland, and peduncle lobe (Figure 4.12 B).  

FMRFa mRNA antisense probe stains a large quantity of neurons in the olfactory lobe 

(mean diameter approximately 10 µm, n=45, Figure 4.13 A′-F′). The general shape of the olfactory 

lobule is also apparent, with most of the olfactory neurons located dorsally and as the lobe tapers to 

a narrow point on the ventral end (Figure 4.13 A-F).  
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4.2.3.4 Serotonin 

5-HT-LIR is present in both neurons and neuropil throughout the CNS of S. officinalis. It is 

found in neurons of the optic and dorsal-basal lobe, and the fibers of the peduncle lobe and 

olfactory nerve. The olfactory nerve innervates the ventral end of the olfactory lobule one (Figure 

4.14 A). The neuropil is apparent in more anterior sections with a few cell bodies around the 

periphery of lobule two (Figure 4.14 B). The neuropil is connected to the dorsal-basal lobe by the 

thick peduncle commissure. Upon viewing at a higher magnification of a medial section, neurons 

project their axons to the cluster of neuropil which does not seem to have any consistency of layout 

or directionality (Figure 4.14 C). To confirm the staining without fluorescence, DAB was used to 

visualize 5-HT-LIR in the neuropil of the olfactory lobe (Figure 4.14 D and insert).  

 4.2.3.5 APGWamide 

Despite the lack of APGWa in the olfactory organ, the neuropeptide is abundant in olfactory 

lobe neurons (mean cell body diameter 10.7 µm ± 2.3 µm [n=43]) and core neuropil and occupies a 

high percentage of the volume in the lobe. The most posterior section shows only APGWa-LIR 

neurons around the exterior surface of the olfactory lobule one (Figure 4.15 A). More anterior 

sections demonstrate how cell bodies wrap around the peripheral and ventral edges of lobule one 

with a centralized neuropil (Figure 4.15 B). As the section moves deeper into lobule two, the 

beginning of the optic commissure is visible (Figure 4.15 C). The anterior most section contains the 

cell bodies of lobule two, the neuropil of lobules three, and the optic tract connecting the lobules to 

the dorsal-basal lobe.  
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APGWa is also present in the rest of the CNS, particularly in the neuropil of the optic lobe, 

peduncle lobe, optic tract, and dorsal-basal lobe (Figure 4.16 A). The densest population of 

APGWa-LIR neurons is in the olfactory lobe. The staining also projects down to the sub-esophageal 

mass and the optic lobe (Figure 4.16 B). 

The olfactory lobe was double-labeled with anti-FMRFa and anti-APGWa to determine 

spatial orientation of the different neurotransmitters and to determine if APGWa and FMRFa were 

colocalized. In the posterior surface of olfactory lobule one, approximately 66% (n~ 50) of the 

neurons are APGWa-positive, 26% (n~ 25) are FMRFa-positive, and 8% (n~ 6) are co-localized 

(Figure 4.17 A). Individual neurons were analyzed in each slice of the Z-stack for shape, position, 

and size, to ensure that there was no overlap artifact. In more anterior sections, more FaRP-LIR-cell 

bodies were apparent in the medial dorsal region of lobule one, and the interior neuropil was visible 

with anti-APGWamide staining (Figure 4.17 B). Both FMRFa and APGWa-positive fibers were 

visible projecting into the anterior end of lobule one (Figure 4.17 C). Although no co-labeling was 

apparent in the fibers of the nerve, several cell bodies in the dorsal end of the lobule are co-labeled. 

Distinct co-labeling of anti-FMRFa and anti-AGPWa can be seen at high magnification of the 

posterior cell body layer of olfactory lobule one (Figure 4.17 D). 
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4.2.3.6 Phalloidin 

Phalloidin was analyzed around the olfactory lobe region (Figure 4.18 A-E). F-actin 

filaments in the neuropil were brightly labeled in the optic, peduncle, and olfactory lobe, with 

labeling in the supra-esophageal mass in more anterior sections. The neuropil was semi-organized 

with a general directionality, although individual fibers often crossed each other at different angles. 

This observation is less true for the neuropil at the center of lobes, in which individual fibers seem 

to project at all angles without any organization. At no point were there round clusters of F-actin 

apparent in the olfactory lobe or anywhere else in the brain.  

4.3 Discussion 

Taken together, antibodies against neurotransmitters and structural stains used in this thesis 

provide an in-depth description of the organization and development of the olfactory lobe. To 

determine what hypothetical function the neurotransmitters and neuropeptides might have in the 

olfactory lobe, I first analyzed their presence in the olfactory organ. If there was immunoreactivity in 

the OSNs, that would suggest that it was an OSN neurotransmitter. Therefore, any presence of the 

same neurotransmitter in the olfactory lobe would be valuable in determining its organization, 

particularly if the lobe contains glomeruli. If the neurotransmitter or neuropeptide were localized 

elsewhere, this information would have different implications when analyzing the results from the 

olfactory lobe. For this reason, the immunohistochemistry and ISH results in the olfactory organ are 

discussed first, before discussing the results from the olfactory lobe.  

ISH labels endogenous mRNA; therefore, the synaptotagmin mRNA probe labels the cell 

bodies that contain the message for the synaptic protein (Figure 4.10) and would not label the 

synaptic terminuses, unless the mRNA is transported down the axons to the synapses. Anterograde 

messenger transport has not been previously reported for synaptotagmin, although it has for 
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syntaxin mRNA, a member of the Q-SNARE protein family that interacts with synaptotagmin (Hu 

et al., 2003; Piper and Holt, 2003). The staining is consistent with other ISH in the olfactory organ, 

with long bipolar cell bodies that project neurites to the surface epithelium and neuropil (Figure 4.3). 

Likewise, in the synaptotagmin ISH in the CNS, the outer neuronal layers of each lobe are darkly 

labeled, while the neuropil is paler (Figure 4.10). Therefore, synaptotagmin was useful for delineating 

and identifying the lobes and interconnections because of this dark outline.   

Within the olfactory organ, anti-AcTub frequently stained internalized clusters of cilia, which 

resemble type IV OSNs since they have large ciliated cavities that occupy almost the entire cell body 

(Figure 3.12; Emery, 1975). They also seem to lack the long distal process that defines a type V 

OSN. There are several other morphologies that are apparent with AcTub at high magnification 

(Figure 4.2 E), including type I and type II. 

While AcTub has been used consistently in a variety of species, occasionally studies report 

difficulty visualizing neuronal structures. For example, anti-AcTub in Bonellia viridis did not stain any 

neuronal structures and displayed a higher background noise ratio than other organisms (Hessling 

and Westheide, 2002). They suggested this species might be more sensitive towards minor protocol 

variations than other annelids. Likewise, immunohistochemical staining with anti-AcTub in the 

pygmy squid I. notoides did not yield consistent results and was faint in double-labeled experiments, 

which is consistent with the results in this study (Wollesen et al., 2009). Previous publications 

suggested that phalloidin is the superior counter-stain for identifying neuronal structures, since 

phalloidin has a smaller molecular weight, less procedural steps, and is more reliant in labeling 

neurites. While external and internal cilia were consistently brightly labeled, particularly in the OE 

(Figure 4.2), neuronal structures were not. Even in sections, neuropil of the CNS was often faint or 

non-existent when paired with a second label. However, there were several occasions, particularly in 
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the week-old hatchlings fixed with 4% PFA for 48 hrs, where anti-AcTub in sections labeled 

neuropil, and resulted in similar staining to that labeled with phalloidin (Figure 4.9, Figure 4.19). Due 

to these restrictions and inconsistency, phalloidin may be the more reliable structural stain for 

cephalopods, at least in those species where consistent anti-tubulin immunohistochemistry has not 

been demonstrated.  

FaRP-positive staining is present in several bipolar OSNs in the olfactory organ, with 

dendrites that extend to the surface of the OE and axons to the olfactory nerve (Figure 4.4 and 

Figure 4.5). These neurons are morphologically more diverse than the OSNs previously described as 

HA-positive in Chapter 3. While there are some FaRP-LIR neurons that appear very similar in size, 

shape, and position in the olfactory organ to the type V OSN, there are also several FaRP-positive 

neurons that are more consistent with descriptions of type I neurons (Emery, 1975). These neurons 

are more elongated in shape, closer to the surface of the OE, and slightly smaller than the type V 

OSNs (Figure 4.4, insert). This immunostaining, in conjunction with the abundance of cell bodies 

visible with FMRFa ISH in the olfactory organ, suggests that FaRPs are another neurotransmitter of 

the OSNs. Due to the high immunofluorescence of the olfactory nerve, it would also be expected to 

see FaRPs-LIR in the olfactory lobe.  

There is a high presence of FaRP-LIR and ISH-positive neurons in the olfactory lobe 

(Figure 4.11, Figure 4.13, and Figure 4.17), suggesting that FaRPs are also a second order 

neuropeptide in addition to being a neuropeptide of the OSNs. This pattern is similar to what was 

observed with HA and HDC in the previous chapter. However, HA and FMRFa, as two different 

neurotransmitters, should have different functions.  

To confirm the fluorescent immunohistochemical staining of anti-FMRFa and anti-5-HT-

LIR in the olfactory lobe and organ, a series of experiments were conducted using DAB which 
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validated the fluorescent results (Figure 4.14; FMRFa not shown). Because DAB includes an extra 

conjugation step (Avadin + Biotin + horseradish peroxidase), it has an amplification effect in which 

the final immunohistochemical staining is often more sensitive than a fluorescent conjugated-

secondary antibody. Again, DAB confirms that 5-HT in the olfactory organ was confined to the 

neuropil of the olfactory organ, with no 5-HT-LIR cell bodies in the periphery. Due to the lack of 

cell bodies in the olfactory organ (Figure 4.6), 5-HT may be an efferent modulator of the OSNs.  

5-HT neuropil in the olfactory lobe (Figure 4.14) contradicts a previous study of 5-HT in 

adult I. notoides which reports only 5-HT-LIR cell bodies with few fibers in the neuropil (Wollesen et 

al., 2010b). In this study, both cell bodies around the olfactory lobe and brightly stained central 

neuropil are present in the olfactory lobe. The explanation for this major discrepancy is unknown, 

except that perhaps there are species-specific differences in the structuring of the olfactory lobe. 

However, this is unlikely as it would be a drastic change in neurotransmitter physiology between two 

closely related species. Another possibility could be that a more narrowed study that is focused on a 

single lobe resulted in additional details that were previously overlooked in a study in which the 

objective was to categorize the presence of a single neurotransmitter in the entire CNS.  

Anti-APGWa did not show any cell bodies in the olfactory organ (Figure 4.7), although cell 

bodies in the OE have been previously described with APGWa-LIR in previous studies (Polese et 

al., 2015). The cause of this discrepancy is currently unknown and deserves further investigation. 

Based upon the results of this study, APGWa is not a neurotransmitter of the OSNs. The clear 

majority of the APGWa-LIR described in this study is in the olfactory lobe. Regardless, APGWa-

LIR is useful in describing the structure and interconnectivity of the lobe (Figure 4.15 and Figure 

4.16). The olfactory lobe is heavily integrated with the reproductive system, as apparent by the 

abundance of the APGWa, a reproductive neuropeptide in molluscs, in the olfactory lobe. In 
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addition, there are many visible inputs from the olfactory lobe to those lobes described as part of the 

reproductive system, including the dorsal-basal and peduncle lobes (Figure 4.16).  

Phalloidin, in addition to being a marker for musculature, has previously been suggested to 

be a general marker for glomeruli across multiple diverse species (Rossler et al., 2002). Phalloidin 

reliably labels glomeruli and distinct F-actin aggregations are a fundamental feature of glomeruli 

across phyla due to their role in synaptic plasticity within the olfactory centers. Here, I report no 

patterns of F-actin which resemble glomeruli as previously described (Figure 4.18). Instead, F-actin 

stains a diffuse neuropil of overlapping fibers that do not seem to have a consistent directionality.  

In conclusion, there are no spherical clusters of synapses in the olfactory lobe of S. officinalis, 

even at a week after hatching, nor does the neuropil seem organized in any large-scale fashion. 

Therefore, cuttlefish may have an alternative means of organizing their olfactory inputs at the early 

life history stages other than the glomerular structures found in vertebrates, insects, and crustaceans. 

This conclusion has major implications about the homology and evolution of the olfactory system, 

as will be discussed in the next chapter. 

4.4 Development of the Olfactory System 

The olfactory system is already developing by the stage 25, the earliest stage presented here. 

The olfactory organ, including its underlying neuropil, is already in place, although much smaller in 

all dimensions than the more developed embryos (Figure 4.2). The olfactory nerve is also visible by 

stage 25. As the embryos develop, the diameter of the olfactory organ and nerve increase while the 

thickness of the organ decreases, most likely due to the stretching of the organ over a larger surface 

area as the embryo grows. Between stages 29 and 30, the opening to the olfactory pit expands at the 

surface of the epithelium, and the olfactory organ appears more as an invaginated structure than a 

bump on the cheek hills. The pit diameter expands with the development of the embryo, so that by 
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a week after hatching, it is large relative to the organ. Numerous cilia appear to line the lumen of the 

pit, as can be seen with anti-AcTub (Figure 4.2). It is yet unknown if the size of the olfactory pit 

affects the perception abilities of embryos, as it is difficult to isolate olfactory perception from other 

chemosenses, and no olfactory ablation studies have been conducted in embryos. 

The olfactory lobe neuropil at stage 25 is a very diffuse collection of fibers, visible both with 

AcTub and phalloidin (Figure 4.19). As the embryo develops, its structure begins to take shape. The 

overall shape of the olfactory lobe (triangular in transverse sections, elongated through the anterior-

posterior axis and differentiated into individual lobules) is in place by stage 27. This lobe shape does 

not change, even through hatching. The size, however, increases from stage 27 through hatching in 

all dimensions. The number of fibers and surrounding neurons also increases in density from a 

sparse neuropil at stage 25 to a dense composition of indistinguishable fibers at hatching. 

The olfactory organs increased an average of 25% in diameter from stage 25 to 29, but 

decrease in depth by 13%. In comparing the stage 29 embryos to the week-old hatchlings, the 

olfactory organs do not have a significant change in diameter (-12%). However, the depth increased 

by 89%. This large increase in depth is consistent with the timing of the development of the 

olfactory pit and the invagination of the olfactory organ.  

The olfactory lobe increased in area an average of 33% from stage 25 to 29. There was also 

considerable growth even after hatching; from stage 29 to one week after hatching, the olfactory 

lobe expanded 393%. The changes were most apparent along the length of the lobe (dorsal-ventral) 

although there was also a large expansion in width (left-right axis).  

It is difficult to comment on the organization of the neuropil in the late stage embryos and 

hatchlings because the olfactory lobe appears an almost solid structure of continuous overlapping 

neuropil as stained with phalloidin and AcTub (Figure 4.19 B).  
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4.5 Olfactory Organization in Cephalopods  

If glomeruli are absent in cephalopods, then these animals must have evolved a different 

mechanism for organizing olfactory inputs from the periphery into a repeatable and recognizable 

signal for the brain to process. In the Introduction, I stated that at the macroscopic scale the 

olfactory system can be sub-divided into three parts, 1) sensory epithelium, 2) projection or nerve 

pathway, and 3) an olfactory processing center in the CNS. More accurately, however, would be the 

addition of a fourth subdivision, the integration of the olfactory lobe with the rest of the brain. This 

can be clearly seen by the immunohistochemistry and structural stain experiments with anti-5-HT, 

anti-FMRFa, anti-APGWa, anti-AcTub, and phalloidin as fibers extend from the olfactory lobe to 

the dorsal-basal lobe, peduncle lobe, and optic tract (Figure 4.9, Figure 4.10, Figure 4.12, Figure 4.16 

and Figure 4.18). 

Based upon the evidence presented here, I propose that the organization of olfactory inputs 

in cephalopods cannot be understood without first understanding the integration of the olfactory 

lobe with higher brain center (summarized in Figure 4.20).  

The integration of the olfactory lobe with the brain was first described through the Golgi 

method (Messenger, 1979). The olfactory lobe is thought to be innervated by the optic, peduncle, 

and basal lobes, and peduncle commissure. It was previously noted that the neuropils of the 

peduncle and olfactory lobe are so intertwined that there must be interaction (Messenger, 1979). The 

peduncle commissure is thought to exit through olfactory lobule one, cross the midline, and 

innervate the contralateral olfactory lobules two and three, which indicates some sort of cross-talk 

between the two olfactory lobes.  

The olfactory lobe also has a few “assumed” output nerves to the sub-esophageal mass (as 

seen in Figure 4.16), but most project to the dorsal and posterior section of the supra-esophageal 
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mass. Olfactory lobule one innervates the lateral-basal lobe and regions of the magnocellular, which 

are thought to be responsible for jetting and escape responses. It also innervates to the palliovisceral 

which is thought to control inking behavior. 

The olfactory lobe also projects to the dorsal-lateral lobe. The dorsal-lateral lobe has two 

possible functional interactions with the olfactory system; the detection of danger and/or detection 

of mates.  

The sub-pedunculate, as part of the reproductive system, has been recently described in 

greater detail. It is thought to negatively control activity of the optic gland, which promotes gonadal 

development, and is assumed to release GnRH (Di Cristo, Chapter 7., Saleuddin, 2017). No trace of 

the optic gland is visible in the embryonic stages in Octopus and it cannot be found in the planktonic 

larvae. The optic gland appears in young animals and seems to develop from nerve cells close to the 

olfactory lobe. It is innervated by FaRP-LIR fibers that originate in neurons in the sub-pedunculate 

and olfactory lobes. The optic lobe has been suggested to have a stimulatory effect on the GnRH in 

the optic glands (Di Cosmo and Di Cristo, 1998). This is opposite of the inhibitory effect of the sub-

pedunculate via FMRFa-ergic innervation. So far, there have been no behavioral studies tying 

olfaction to courtship and copulation, but the physiological evidence seems consistent across 

studies.  

In a review of the cephalopod neural networks, the olfactory and peduncle lobes were 

described as part of the main projection pathway (the optic tract) from the optic lobe (Williamson 

and Chrachri, 2004). The location of the lobes and direct interconnectivity suggest that the olfactory 

and peduncle, sometimes referred together as the cephalopod cerebellum, could play a role in 

processing visual information. This interpretation complicates the current perceived functionality of 
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the olfactory lobe; however, this interconnectivity must be kept in mind in future analysis of the 

olfactory system.  

The dorsal-basal lobe has efferent connections to the olfactory lobe, peduncle, optic glands, 

and optic lobes, and a few to the medial basal lobes (Boycott, 1961). It was later confirmed that the 

lateral fibers of the dorsal-basal lobe seem to terminate in the olfactory lobe (Di Cosmo et al., 2004). 

This interaction is said to be important for olfactory stimulation of reproduction, and feedback 

would be necessary from the basal lobes to the olfactory lobes for chemoreception (Messenger, 

1971). While FaRPs have previously been described in the dorsal-basal lobe (Wollesen et al., 2012), 

and have been described in this study as well, the functionality is currently unknown. Two 

possibilities have been suggested. The dorsal-basal lobe may be a site of learning and memory 

(Zhang et al., 2012), or, because the basal and peduncle lobes receive sensory information, they must 

regulate output like swimming, respiration, and muscle movement (Budelmann, 1995).  

Therefore, it appears the whole olfactory system can be represented as a chain. The olfactory 

nerve projects primarily to the olfactory lobe, and that lobe in turn projects to the dorsal-basal and 

sub-pedunculate, which influences the reproductive system via the optic glands (Woodhams and 

Messenger, 1974). To focus purely on the olfactory organ, nerve, and lobe, and ignore this final 

integration of the olfactory lobe with the rest of the CNS, would be to disregard potential sites of 

integration and organization.  
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Figure 4.1 The developmental stages of S. officinalis. (A) Stage 25; identifiable base on the 

light orange eyes and T-shape formed by the head and mantle. (B) Stage 27; eyes are 

red/brown, head has begun to round, and the cuttlebone is visible with 2 rings of calcium 

deposits. (C) Stage 28; first chromatophores are now visible (arrowhead), eyes are dark 

brown/black color, the head and mantle have taken on their final shape, and the cuttlebone has 

3 rings of calcium deposits. (D) Stage 29; chromatophores continue to multiply and are more 

pronounced (arrowhead), eyes begin to have iridescence, arms elongate, and the cuttlebone 

has 4 calcium deposit rings. (E) Approximately one week after hatching, skin is no longer 

transparent, chromatophores are completely developed.  Scale bars are equal to 1 mm.  
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Figure 4.2 Acetylated α-tubulin (AcTub) of the olfactory organ. (A) At stage 25, olfactory 

organ in section with cilia, neuropil, and olfactory nerve are already developed. (B) A surface 

view of the OE in a stage 29 embryo. Large cilia surround the olfactory organ and smaller 

clusters of cilia cover the OE. (C) The structure of the olfactory organ with the olfactory nerve 

projecting toward the brain and the surface OE cilia. (D) A medial section through a week-old 

hatchling olfactory organ. Due to its pit and dome shape, the olfactory organ appears like a semi-

torus (doughnut shape) when sectioned at an angle. Cilia can be observed lining the inside of 

the pit (arrows). (E) Double-labeling of AcTub (red) and phalloidin (green) shows minimal co-

localization. AcTub shows multiple different cell body morphologies (arrows) in addition to the 

cilia that lines the lumen of the olfactory pit. (F) Double-labeling of AcTub (green) and anti-HA 

(red). Again, there is no co-localization between tubulin-LIR and histamine-LIR cell bodies. Olf 

N, olfactory nerve; Olf O, olfactory organ. Scale bars represent 100 µm.
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Figure 4.3 Synaptotagmin mRNA probe for ISH in the olfactory organ. (A) 

Synaptotagmin probe in a stage 26 embryo in a section of olfactory organ with 

staining extending from neuropil to sub-epithelium (B) Olfactory lobe labeled with 

synaptotagmin probe in whole-mount demonstrates the absence of 

synaptotagmin-containing cell bodies in the head epithelium except for the 

olfactory organs. Scale bar represents 100 µm. 
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Figure 4.4 Anti-FMRFamide immunohistochemistry in the olfactory organ. (A) Anti-

FMRFa in a section of a stage 27 olfactory organ with FaRP-LIR bipolar cell bodies 

extending neurites to the OE and neurites to the neuropil. (B) A more medial section of 

the olfactory organ shows the olfactory nerve projecting from the olfactory organ neuropil. 

(C) A high magnification of FaRP-LIR dimly fluorescent bipolar cell bodies with two 

brighter projections in the olfactory epithelium. Olf O, olfactory organ. Scale bars: A= 100 

µm, B= 50 µm, C= 10 µm. 
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Figure 4.5 FMRFamide ISH in the olfactory organ. (A) The olfactory organ of a stage 

27 embryo in whole-mount has dark labeling of cell bodies exclusive to the olfactory organ 

region of the head. (B) Higher magnification of the FaRPs-positive cell bodies in (A). (C) 

A representative anterior section of the olfactory organ containing two FaRP-positive cell 

bodies. (D) A representative medial section containing 7 FaRP-mRNA containing cell 

bodies. Olf O, olfactory organ Scale bars represent 100 µm.
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Figure 4.6 Serotonin immunohistochemistry in the olfactory organ. (A) In a stage 27 

embryo, neuropil extends along the basal edge of the olfactory organ and but does not 

connect to the OE. (B) The olfactory nerve projects from the neuropil in the olfactory 

organ. Olf N, olfactory nerve; Olf O, olfactory organ. Scale bars represent 100 µm. 
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Figure 4.7 APGWamide immunoreactivity in the olfactory organ. (A) The olfactory 

organ of a stage 27 embryo stained with anti-APGWa has no immunoreactivity, nor 

observable cell bodies or neuropil. The optic lobe, however, has neuropil that is clearly 

visible with APGWa-LIR (arrow). Olf O, olfactory organ. Scale bars represent 100 µm. 
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Figure 4.8 Olfactory organ and nerve stained with DiI in 40 µm sections. (A) 

Diagrammatic representation of whole embryo positioned along its anterior-posterior axis 

demonstrating location of olfactory organ, lobe and nerve (grey). (B) Diagrammatic 

representation of a transverse section through the brain with dorsal up and ventral down 

demonstrating respective locations of the olfactory organ on the ventral side and olfactory 

lobe on dorsal side of brain. (C) Olfactory organ in a stage 28 embryo is brightly labeled 

and the olfactory nerve can be seen projecting from its base. (D) The next section of 

olfactory nerve can be seen further away from the olfactory organ as it follows the ventral 

and posterior curve of the optic lobe. (D) The olfactory nerve begins to curve up (towards 

the dorsal side) once it reaches the other medial side of the optic lobe. It then projects in 

an anterior direction through the middle of the brain from the ventral to the dorsal side. 

(F) The nerve innervates the anterior end of the olfactory lobe where it then branches into 

smaller nerves. Olf L, olfactory lobe; Olf N, olfactory nerve; Olf O, olfactory organ. Scale 

bars represent approximately 100 µm. 
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Figure 4.9 Acetylated α-tubulin (AcTub) in the olfactory lobe. Stage 27 embryo in 

sections from posterior to anterior. From left to right: Optic lobe, peduncle lobe, olfactory 

lobe, dorsal-lateral lobe, dorsal-basal lobe (up) and lateral-basal lobe (down). (A) Most 

posterior section shows olfactory lobule one with incoming olfactory nerve at the ventral 

end. (B) Olfactory lobule two connected to the peduncle lobe via the peduncle 

commissure (ped. comm.). (C) A more anterior section showing connectivity between 

olfactory lobule two and lateral-basal lobe. (D) Olfactory lobule three (ventral, connected 

to the dorsal-lateral lobe) and part of lobule two (projecting dorsally) in an anterior section 

of the CNS shows the optic commissure (opt. comm.) connecting the olfactory lobe and 

dorsal-basal lobe. Olf L, olfactory lobe; Olf N, olfactory nerve; Olf O, olfactory organ; ped. 

comm, peduncle commissure. Scale bars represent 100 µm.
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Figure 4.10 Synaptotagmin ISH probe in the olfactory lobe and surrounding CNS. 

From posterior to anterior sections (40 µm). (A) Olfactory lobe (Olf L) in stage 29 embryo. 

The peduncle lobe (ped) in posterior section connects to the dorsal-basal lobe via the 

peduncle commissure (ped. commissure). (B) The olfactory lobe is more clearly visible in 

a more anterior section as an extension of the dorsal-lateral lobe. (C) The olfactory lobe 

is a ventral extension of the dorsal-basal lobe and medial to the peduncle and optic lobes. 

(D) The anterior most olfactory lobe (lobules two and three) connect to the dorsal-basal 

lobe through the optic commissure. Olf L, olfactory lobe; Olf O, olfactory organ; optic L, 

optic lobe, ped, peduncle lobe. Scale bars are equal to 100 µm. 
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Figure 4.11 FaRPs-LIR in the olfactory lobe of S. officinalis. (A) A medial section 

through the olfactory lobe in a stage 28 embryo. Cell bodies are visible in olfactory lobules 

one and two as well as the connecting neuropil. The optic commissure is also visible 

projecting into the lobe from the dorsal-lateral neuropil. (B) A posterior section of a stage 

30 olfactory lobule one double-labeled with anti-FMRFa (red) and phalloidin (green) to 

show that the layer of cell bodies surrounding the lobule is almost completely devoid of 

neuropil, which is restricted to the lobe core. Olf L 1, olfactory lobule one, Olf L 2, olfactory 

lobule 2; Opt. comm, optic commissure. Scale bars represent 100 µm. 
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Figure 4.12 FaRP-LIR shows interconnectivity of the olfactory lobe. (A) FaRP-LIR in 

the supra-esophageal mass in a stage 28 embryo. Cell bodies on the dorsal edge project 

neurites in an anterior direction into the central neuropil of the dorsal-basal lobe. Many of 

the horizontal fibers project into the optic tract, some of which will innervate the olfactory 

lobe. (B) Anti-FMRFa staining in the dorsal-basal lobe connects via the optic commissure 

to the optic gland, olfactory lobe, and peduncle lobe. Ped, peduncle lobe. Scale bars 

represent 100 µm.  
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Figure 4.13 ISH in sections via FaRP mRNA antisense probe. A-F: 10x magnification; 

A′-F′: 40x magnification. A-C′: Left hemisphere olfactory lobe in a stage 27 embryo. (D-

F′: Right hemisphere olfactory lobe. Sectioned from posterior to anterior. Scale bars in 

10x represent 100 µm and in 40x represent 10 µm. 
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Figure 4.14 5-HT-LIR in the olfactory lobe and surrounding CNS. Sections viewed 

from posterior to anterior. (A) A posterior section of the olfactory nerve in a stage 27 

embryo shows the olfactory nerve innervating olfactory lobule one neuropil, with neurons 

around the periphery of the lobule. (B) The optic commissure connects the dorsal end of 

the olfactory lobule one neuropil to the dorsal-basal lobe. (C) A higher magnification 

picture of the 5-HT-LIR in neurons and neuropil of olfactory lobule one. (D) DAB 5-HT-

LIR immunohistochemistry of the neuropil in the olfactory lobe. Insert shows a high 

magnification of the neuropil staining. Olf L, olfactory lobe; olf N, olfactory nerve; ped com, 

peduncle commissure. Scale bars represent 100 µm. 
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Figure 4.15 APGWamide in the olfactory lobe. In a stage 27 embryo. From posterior 

to anterior: (A) The posterior surface of olfactory lobule one is a layer of cell bodies. (B) 

In a more anterior section, neurons wrap around the peripheral side of the lobe whilst the 

interior neuropil is now visible. (C) The cell bodies of olfactory lobule two project neurites 

into the neuropil of lobule three. The beginnings of the optic commissure (opt. comm.) are 

visible in this section. (D) The anterior-most section contains neurons of olfactory lobule 

two and neuropil of lobule three. Olf L 1, olfactory lobule one; Olf L 2, olfactory lobule two; 

Olf L 3, olfactory lobule three; opt. comm, optic commissure. Scale bars represent 100 

µm.
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Figure 4.16 APGWamide-LIR shows interconnectivity of the olfactory lobe. (A) 

APGWa-LIR in a stage 27 embryo including the neuropil of the peduncle, olfactory lobe, 

optic tract, and dorsal-basal lobe. Arrow indicates termination point of olfactory nerve. (B) 

In a more posterior section, neuropil of the optic tract is only partly visible in this section, 

along with projections from the olfactory lobe down toward the sub-esophageal mass. Olf 

L, olfactory lobe. Scale bars equal 100 µm. 
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Figure 4.17 APGWamide and FMRFamide double-labelling in the olfactory lobe. (A) 

The cell body surface layer of olfactory lobule one in a stage 27 embryo is primarily 

composed of cell bodies labeled by APGWa (red) or FMRFa (green) antibodies in the 

medial-dorsal area of the lobule. A few cell bodies are co-labeled with APGWa and 

FMRFa (yellow). (B) A more anterior section of olfactory lobule one, with more of the 

central neuropil exposed. More FMRFa neurons are visible in the anterior area of the 

lobule, and more cell bodies are co-labeled. (C) The olfactory nerve projecting to the 

anterior tip of olfactory lobule one expresses both APGWa-positive and FMRFa-positive 

fibers, with no colocalization. (D) A high magnification view of the posterior cell body layer 

of lobule one to show individual cell bodies in the olfactory lobe. Co-labeled cell bodies 

identified with arrowheads. Scale bars equal 100 µm.  
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Figure 4.18 Phalloidin fluorescence in the CNS of S. officinalis. Labeling of F-actin in 

a stage 27 embryo in the optic lobe, peduncle lobe, and olfactory lobe. Sections (30 µm 

thickness) from posterior to anterior. (A) Diagrammatic representation of the olfactory lobe 

(Olf L) positioned on the optic tract from the dorsal perspective. Posterior up, anterior 

down. Olfactory lobule one is most posterior, lobule two is the medial lobule, and olfactory 

lobule three is most anterior. (B) Diagrammatic representation of the olfactory lobe in 

transverse sections, as appears in (C-E). Dorsal up, ventral down. (C) Olfactory lobe in a 

posterior section shows both olfactory nerve entering the ventral end of the olfactory lobe 

and the peduncle commissure. (D) In a more anterior section, the olfactory lobe has its 

stereotypical triangular shape with the wide dorsal end. (E) Anterior section of olfactory 

lobule three with a narrow diameter again as it integrates with the optic tract. Olf L 1, 

olfactory lobule one; Olf N, olfactory nerve; Optic L, optic lobe, ped. comm., peduncle 

commissure. Scale bars represent 100 µm. 
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Figure 4.19 Illustration of the development of neuropil in the olfactory lobe. (A) 

Loose organization of neuropil in the olfactory lobe and peduncle lobe stained with anti-

AcTub at stage 25. (B) Tightly packed neuropil double-labeled with anti-AcTub (red) and 

phalloidin (green) at stage 30. Tubulin has more projections out of the neuropil, while F-

actin seems constrained to the neuropil core. Olf L, olfactory lobe. Scale bars equal 100 

µm. 
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Figure 4.20 Interconnectivity of the olfactory lobe with the rest of the brain. The 

olfactory lobe receives input from the optic lobe, peduncle lobe, supra-esophageal mass, 

and peduncle commissure. There is also a connection from the dorsal-lateral lobe (dotted 

line) hypothesized but not proven to be efferent. The olfactory lobe projects to the optic 

gland, dorsal-lateral lobe, lateral-basal lobe, sub-esophageal mass, and the contralateral 

olfactory lobe via the peduncle commissure.  
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Chapter 5: Discussion 

5.1 Glomeruli and Other Organizational Systems 

In the previous chapter on the organization of the olfactory system, there were no structures 

identified that resembled the glomeruli previously described in some vertebrates, insects, 

crustaceans, or gastropods. I will discuss what characteristics specifically define glomeruli in an 

olfactory system and which features seem to be universal throughout the animal kingdom. 

There are several key similarities between the olfactory glomeruli of different phyla 

(reviewed in Eisthen et al., 2002) that I use as a general definition to properly identify a glomerulus 

in cuttlefish. First, all glomeruli described thus far, except for in the snail Achatina fulica (Chase and 

Tolloczko, 1986), have been found in the central nervous system (CNS); glomeruli have been 

described in the olfactory bulb in vertebrates, olfactory lobe in crustaceans, antennal lobe of insects, 

and tentacle ganglion of snails. Second, these previously described glomeruli have an overall 

spherical shape, as seen in both vertebrates, insects, and crustaceans. One exception is the cone-

shaped glomeruli of spiny lobster (Panulirus argus; Blaustein et al., 1988). Third, despite the large 

diversity of species, all glomeruli seem to be relatively similar in size (Table 5.1). 

Table 5.1 Comparison of glomerular sizes across animals.  

Organism Diameter (µm) Reference 
Rats 50-120 Pinching and Powell, 1971 

Moths 45-100 Nassel, 1999 
Lobsters 40-100; 250 in length Blaustein et al., 1988 

Snails 40-100 Chase and Tolloczko, 1986 
  

An exception is the microglomeruli found in some species of crustaceans, grasshoppers, and 

crickets, in which the antennal lobe contains thousands of microglomeruli that are approximately 5 

µm in diameter. Although they are still innervated by olfactory sensory neurons (OSNs) and 
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interneurons, the purpose of these microglomeruli is unknown. Fourth, glial cells surrounded 

glomeruli in all animal groups, most likely to isolate individual glomeruli from each other. Any 

proto-glomeruli that develop in Manduca sexta need to be rapidly surrounded by glial cells, or else 

they will dissolve (Oland and Tolbert, 1988). Similarly, in rat embryos, proto-glomeruli first interact 

with glia to form the glomerular boundaries, then later interact with interneuron and output neurons 

(Treloar et al., 1999).  

Vertebrates, insects, and crustaceans use glomeruli to organize their patterns of activity into 

an odor map. By clustering the specific types of OSN axons into collections of synapses, the 

glomeruli of both groups effectively organize the inputs from the olfactory epithelium. Vertebrates, 

insects, and crustaceans also use the second order neurons around their glomeruli to project their 

organized input into higher areas of the brain for olfactory learning, identification, and memory. The 

striking morphological similarities of the OSNs, glomeruli, interneurons, and olfactory brain centers 

in vertebrates, insects, and crustaceans suggest a possible optimal solution to detecting and 

discriminating odors (Hildebrand and Shepherd; 1997; Eisthen, 2002; Ache and Young, 2005; 

Kaupp, 2010).  

There is some evidence to suggest that glomeruli in mammals, fish, amphibians, insects, and 

crustaceans might be homologous. Glomeruli have been identified in a sister group to arthropods, 

the velvet worms (Schurmann, 1995; Eisthen, 2002; Strausfeld et al., 2006). Eisthen attempted to 

visualize this pattern of glomeruli through a wide range of phyla based on previous olfactory 

research (Eisthen, 2002; Figure 5.1). While some aspects of olfaction, such as the ionotropic 

glutamate olfactory receptors, can be traced back through evolutionary history to the protostomes 

(such as the nematode C. elegans), identifying the blueprint for complex structures like glomeruli in 

non-cephalized animals is nearly impossible morphologically (Croset et al., 2010).  
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Due to the complex nature of such an organizational system across this expanse of diversity, 

the evolution of glomerular structures has caught the imagination of more than one scientist.  

Glomeruli have been independently lost in several individual species. In vertebrates, modern 

toothed whales have completely lost their glomeruli, along with their entire sense of olfaction 

(Kishida et al., 2015). Some arthropods, such as the basal hexapods, have also lost their glomeruli 

(Strausfeld and Hildebrand, 1999), in addition to those arthropods without olfactory antennae, like 

the diving beetle, mayflies, dragonflies, and damselflies (Strausfield et al., 1998). It is harder to 

understand the seemingly arbitrary presence and absence of glomerular-like structures in various 

studied species of gastropods and their absence from Sepia officinalis.  

5.2 Are There Glomeruli in Molluscs? 

The question regarding whether there are glomerular-like structures in molluscs is an 

important missing piece to understanding the relationship of the olfactory system between 

vertebrates, insects, crustaceans, and molluscs. Their described presence in the different groups of 

gastropods obfuscates a clear understanding of olfactory evolutionary history.  

There are two main factors that confound our understanding of glomerular-like structures in 

molluscs: their seemingly arbitrary presence throughout gastropods, and the limited number of 

species sampled (Table 5.2). The first mollusc to be observed with glomerular-like structures was the 

terrestrial snail A. fulica (Chase and Tolloczko, 1986).  

 

 

 

 



140 
 

Table 5.2 List of species examined for glomeruli; listed by family.  

Family Species Habitat Glomeruli Reference 

Stylommatophora 

Achatina 
fulica 

Terrestrial 
Reported 
glomeruli 

Chase and 
Tolloczko, 

1986 

Limax 
marginatus 

Terrestrial 
No 

glomeruli 
reported 

Unpublished 
observation,  

Ito et al., 
2000 

Cornu 
aspersa 

Terrestrial 
No 

glomeruli 
reported 

Unpublished 
observation,  

Ito et al., 
2000 

Nudipleura 

Phestilla 
sibogae 

Aquatic 
Reported 
glomeruli 

Boudko et al., 
1999; Croll et 

al., 2001; 
Croll et al., 

2003 

Archidoris 
pseudoargus 

Aquatic 
No 

glomeruli 
reported 

Wertz et al., 
2007; Faller 
et al., 2008 

Archidoris 
tornatilis 

Aquatic 
No 

glomeruli 
reported 

Faller et al., 
2008 

Aplysiomorpha 
 
 
 
 

Aplysia 
californica 

Aquatic 
Reported 
glomeruli 

Moroz, 2006; 
Göbbeler and 

Kussman-
Kolb, 2007; 
Cummins et 

al., 2014 

Aplysia 
punctata 

Aquatic 
Reported 
glomeruli 

Wertz and 
Rossler, 2006 

 

The simultaneous absence and presence of glomeruli within Nudipleura or 

Stylommatophora could be explained by independent loss of glomeruli within genera, but regardless 

demonstrates that glomeruli are not simply divided between terrestrial and aquatic species. Because 

so few species have been examined compared to the number of groups (Figure 5.2), other families 
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are needed to determine if there are any more molluscs with glomerular-like structures before 

conclusions can be drawn.  

Glomerular structures have not been described in cephalopods. It has been suggested that 

they may not be present since the olfactory lobe in Nautilus is layered, and that of Octopus is smaller 

and has no large-scale organization (Eisthen, 2002). In this present study, the first detailed 

description into the organization and neurobiology of the olfactory system in cuttlefish, I confirm 

that cuttlefish have nothing resembling glomerular-like organization, although more olfactory 

systems must be described in detail to confirm this trend in cephalopods in general.  

The implications of this study warrant careful consideration. It is possible that the lack of 

glomeruli in cuttlefish represents all of Cephalopoda have independently lost their glomerular 

structures. However, it is more likely that there have never been “glomeruli” in molluscs in the same 

sense that glomeruli have been described in insects, crustaceans, and vertebrates. After Chase and 

Tolloczko first described glomerular-structures in A. fulica in 1986, they were cited in all subsequent 

reports of glomeruli in other molluscan species. Thus, it is possible that all molluscan glomeruli, 

while homologous to each other, have no phylogenetic relationship to the glomeruli in the rest of 

the animal kingdom. Since there was no evidence of glomeruli in S. officinalis, I briefly look at what 

evidence would be required to conclude that glomerular structures were present for future 

researchers who wish to continue the work presented here. 

In the tentacle of A. fulica, afferent OSN fibers travel down long digit extensions from the 

tentacle ganglion. Some of these axons are clustered into dense neuropil which is delimitated by glial 

cells and glial processes. These regions are identified as glomeruli (Chase and Tolloczko, 1986). 

Numerous small neurites are described organized in parallel down the tentacle (Figure 5.3).  
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The argument was that, like vertebrates, insects, and crustaceans, these glomerular regions 

have dense neuropil, are devoid of cell bodies, and are surrounded by glial cells. Afferent signals 

from the tentacles could be processed in parallel at multiple anatomical sites. However, Chase and 

Tolloczko acknowledge there were many differences between the glomeruli they described and those 

previously described in vertebrates, insects, and crustaceans (summarized in Table 5.3). While their 

study describes approximately 20 glomeruli in the tentacle, there are around 125 described in 

Periplaneta americana, a species of cockroach, and almost 2,000 glomeruli a rabbit (Chase and 

Tolloczko, 1986). The snail glomeruli only receive a small portion of olfactory afferent projections, 

while the rest bypass the glomeruli completely and project directly into the tentacle or cerebral 

ganglia. This limited input into the glomeruli is another deviation from both vertebrates, which route 

all their neurites through glomeruli (except for the extrabulbar pathway, which bypass the olfactory 

bulb to higher brain centers), and arthropods, which route most of their inputs through glomerular 

neurites. The irregular shapes of the snail glomeruli are also a diversion from the traditionally 

spherical glomeruli.  

Table 5.3 Comparison of Olfactory Glomeruli in Three Diverse Animals. Adapted 

from Chase and Tolloczko, 1986. All data are unilateral values. 

 Snail 
(Achatina 

fulica) 

Cockroach 
(Periplaneta 
americana) 

Rabbit 

Shape of glomeruli 
 

Irregular Spherical Spherical 

Mean volume (mm3) 
 

38 x 10 -5 22 x 10 -5 359 x 10 -5 

Number of glomeruli 
 

20 125 1900 

Total number of 
olfactory receptors 

 
1 x 105 2.8 x 105 5 x 107 
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 Snail 
(Achatina 

fulica) 

Cockroach 
(Periplaneta 
americana) 

Rabbit 

Percent olfactory 
fibers terminating in 

glomeruli 
 

10% (est.) 90% (est.) 100% 

Convergence ratio, 
receptors: glomeruli 

500 2100 26316 

 

Chase and Tolloczko (1986) also demonstrated that there were no detectible differences in 

the spatial patterning of the glomerular 14-C-deoxyglucose (2 DG) labels when different odors were 

used as stimuli. 2 DG is a modified glucose molecule that is used as a marker for tissue glucose 

uptake and can identify regions of increased activity. Their experiment showed that the snail 

glomeruli do not operate as functionally differentiated units, unlike vertebrates, insects, and 

crustaceans which have a different pattern of glomerular activation depending on the stimulatory 

odorant (Eisthen, 2002; Nagashima and Touhara, 2010). This may be because the digits themselves 

impose a degree of spatial compartmentalization on the afferent projections, although this 

hypothesis contradicts the implied purpose of glomeruli as being spatial organizational units (Chase 

and Tolloczko, 1986).    

Chase and Tolloczko (1986) proposed to expand the definition of glomeruli to include the 

snail glomeruli and all the differences they entailed. Snail glomeruli had the wrong shape, total 

number, and far fewer innervations. Additionally, there were no glomerular structures found in the 

tentacle or cerebral ganglion, just in the peripheral tissue of the tentacle itself. The organization of 

the glomeruli in a linear arrangement down the length of the tentacle or rhinophore also raises some 

questions (Wertz et a., 2006; Göbbeler and Kussman-Kolb, 2007). Such an arrangement suggests 

OSNs that run the length of the tentacle would project to the closest glomerulus, thereby dividing 

the tentacle into horizontal bands of different receptor types. This has not been previously described 
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or noted in any species and would be highly unlikely. Therefore, it is still unclear what the 

significance is of this linear chain of nodules along the tentacle.  

In 1996, there was another large change to how glomeruli were identified with the advent of 

molecular studies. It was demonstrated that receptor cells of mammals (Vassar et al., 1994; 

Mombaerts et al., 1996), fish (Dynes and Ngai, 1998), and insects (Vosshall et al., 2000) all have a 

dispersed distribution through the peripheral epithelium; all converge their axons, organized by 

receptor protein, onto one or a small number of glomeruli. This common organization throughout 

animals suggests that not only is massive convergence fundamental to how odorants are processed 

in the brain, but that this type of organization may have been conserved in evolution. The 

consistency of this organization, despite the diversity of the animals it is found in, is a major 

argument against the described glomerular structures in Chase and Tolloczko, where only about 

10% of the olfactory neurites terminate in glomeruli.  

5.3 Conclusions 

The numerous differences between glomeruli in gastropods and those found in other 

animals, in combination with a distinct lack of glomerular-like structures in S. officinalis, strongly 

suggests that glomerular organization of the olfactory system is not universal among cephalized 

animals, or at the very least may not extend throughout phyla Mollusca. There are several 

implications of this conclusion. With the isolation of glomerular-like structures to vertebrates, 

insects, and crustaceans it is highly probable that glomerular structures have independently evolved 

at least twice to overcome the same problem of recognizing and processing dilute chemicals. This 

conclusion is further supported by looking at the sister groups, where the velvet worms do exhibit 

glomeruli, but C. elegans do not. Therefore, the previously reported snail glomeruli are not 

homologous to vertebrate, insect, and crustacean glomeruli. To amend the previously published 
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phylogenetic distribution, if homologous glomeruli are removed from Gastropoda (Figure 5.4), the 

result is that glomeruli have independently evolved twice in evolutionary history, in Arthropoda and 

Vertebrata.  

In the context of cephalopod olfaction, there is another possible conclusion to explain the 

lack of glomerular-like structures; the olfactory system in cephalopods may be reduced, like in many 

aquatic species (e.g. the cetaceans). Perhaps other chemosensory systems, such as those in the 

suckers, compensate for a reduced olfactory system. The evidence to support this conclusion 

includes the lack of glomeruli, the small relative size of the olfactory lobe (particularly in comparison 

to the optic lobes), and the seemingly unorganized patterning of neuropil in the olfactory lobe as 

demonstrated by phalloidin and tubulin staining. However, the same conclusion could easily be 

drawn for gastropods, if not for the overwhelming behavioral evidence to the contrary (Hanley et al., 

2013). These behavioral studies, as well as physiological studies, are abundant in the field of 

gastropod chemoreception (Teyke and Gelperin, 1999; See Kiss, 2017 for a recent review of the 

olfactory discrimination abilities of gastropods), but the same cannot be said for cephalopods.  

Although some of the fundamental behavioral research has begun (Mobley et al., 2008), the 

discriminatory abilities of cephalopods are still being resolved. Molecular studies including families 

of chemoreceptors can be used to understand discrimination abilities. It is thought that the number 

of receptors is correlated to the number of glomeruli, and therefore the animal’s differentiation 

ability. For example, mammals have a large family of G-protein coupled receptors in their sensory 

neurons which encode a large range of odors (Hildebrand and Shepherd, 1997). Insects, with their 

ligand gated receptors, have a smaller range of odorants and a smaller family of receptors in their 

genome. The chemoreceptors of Aplysia have been well studied (Cummins et al, 2007; 2009; Croset 

et al., 2010). Aplysia have G-protein α subunits Gq and Gi, and Go in addition to proteins 
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homologous to phospholipase C and Inisitol 1,4,5-trisphosphate receptors. They also have a family 

of ionotropic glutamate receptors. In particular Aplysia have an IR25a receptor, which is one of the 

oldest members of the repertoire of IR channels and its conservation in a wide variety of 

invertebrates suggests that it may have originated in a protostome ancestor (Croset et al., 2010). 

While there have been no IR receptors found in cephalopods, Gαq and Phospholipase C140 have 

been found to be coexpressed in olfactory receptor neurons (Mobley et al., 2007). Therefore, it is 

also recommended that in addition to behavioral studies, future studies also focus on understanding 

the diversity of olfactory receptors to further elucidate the differentiation abilities of cephalopods 

and other molluscs.  

Therefore, I call for an increase in research into the behavioral and physiological study of 

cephalopod olfactory discriminatory ability. By understanding the degree to which cephalopods, 

particularly coleoids, can differentiate certain odorants, I can determine the complexity their 

olfactory system, and if it has been evolutionarily reduced.  

5.3.1 Applications 

There is another advantage to delving further into cephalopod olfaction besides postulating 

evolutionary hypotheses. Previous molluscan chemoreception research has targeted a variety of 

purposes. Molluscs have been used extensively in behavioral research, particularly as models for 

behavioral ecology and the neural basis of behavior (Kiss, 2017). Another area of molluscan 

chemosensory research is focused population control, particularly for those species of gastropods 

that are pests or primary hosts to tropical diseases such as schistosomiasis (Thomas et al., 1980). 

There are also some practical applications to understanding a different chemosensory system 

organization. Biology often influences technology, as creative minds are frequently inspired by 

nature (Kim et al., 2013). Scientists have designed artificial intelligence on one particular animal: 
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humans. However, basing technology off such a complex model has its disadvantages. Sometimes a 

simpler model is more refined and has less complications.  

Machine olfaction, the automated simulation of smell, is an emerging field of modern 

robotics where automatized systems are needed to measure airborne particles (Marco et al., 2012). 

Commonly called the e-nose, it has multiple applications including product quality assessments, 

detection and diagnosis of diseases, drug detection, explosives detection, and environmental 

monitoring (Gardner et al., 2000). Computer scientists and programmers are struggling with the 

issues of how to synthesize signal-preprocessing, feature extraction, feature selection, classification, 

clustering, and validation (Marco et al., 2012). Perhaps the final solution with be something akin to 

glomeruli, or maybe finally determining in how cephalopods organize their olfactory inputs will help 

this newly emerging field.  

Understanding alternative olfactory models may also have another potential application. 

While humans are primarily visual, we still often use our sense of smell, and its loss greatly affects 

our daily life. Olfactory disorders affect approximately 1/5th of the population (Croy et al., 2014). 

Such disorders greatly influence quality of life and hamper food enjoyment, detection of harmful 

food or smoke, personal hygiene, some social situations, and working life. It may also have some 

impact on reproductive behavior, including inbreeding avoidance, mate selection, and emotional 

contagion.  

A percentage of anosmics also report depression. There has been observed a correlation 

between olfactory function and depression in older persons (Boesveldt et al., 2011). Olfactory 

impairment is also an early sign of Alzheimer’s disease (Nordin, 2012) and Parkinson’s disease 

(Ponsen et al., 2004). 
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Therefore, by understanding every aspect of chemoreception and olfaction, particularly in 

other non-classical models, we can hope to better understand mechanisms of action and possibly, in 

the future provide, cures, prosthetics, or implants which increase quality of life for these patients. 

The non-glomerular organization of the cephalopod model should be considered in designing an 

optimal simplified solution for these applications.  
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Figure 5.1 Phylogenetic distribution of glomerular structures. Based on the 

discussion in Eisthen, 2002. Solid red boxes indicate four hypothetical instances where 

glomeruli evolved independently. Based on the outgroups that lack glomeruli in the 

vertebrates, terrestrial insects, and lobsters, the hypothesis illustrated here suggests that 

glomerular structures evolved independently at least four times. 
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Figure 5.2 Phylogenetic relationships among gastropods. Adapted from 

Dinapoli and Klussmann-Kolb, 2010. Arrows indicate clades in which glomerular-

like structures have been reported. 

  



152 
 

 



153 
 

Figure 5.3 Drawing of a tentacle tip shown in sagittal view. From Chase and 

Tolloczko, 1993; published with permissions. The three possible projections of the 

receptor cell populations are each represented by a single receptor cell. The eye and its 

optic nerve comprise an entirely separate sensory system. 
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Figure 5.4 Phylogenetic distribution of glomerular structures-modified. Modified 

from Eisthen, 2002. Demonstration of our new phylogenetic hypothesis with the absence 

of glomeruli in gastropods, resulting in potentially two independent evolutions of glomeruli, 

one in vertebrates and one in arthropods. 
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Appendix A: Unpublished Results 

A1.1 Tested Antibodies  

Often, when doing immunohistochemistry on a molluscan model, the specificity of the 

antibody being tested is not close enough to the evolved molluscan protein of interest, resulting 

either in total prevention of binding or dim and faint staining. These results are often “thrown out” 

and unpublished, because in the mind of the scientist, the antibody in question “did not work.” 

However, testing new antibodies and different procedures are a part of the scientific method. A 

problem arises when these antibodies that have been tested and “failed” remain unpublished and 

obsolete. When another scientist also gets the same idea to test that antibody, there is no 

information in the literature to reference.  

Some journals and databases have attempted to overcome this issue by starting a journal 

such as New Negatives in Plant Science. However, not all journals are as accepting of negative results, 

suggesting that they are not high impact enough or just not interesting. 

Therefore, one of the few remaining places that people can report failed antibody testing for 

publication is in thesis. Here, I mention some methods and antibodies that were tested during the 

last several years of exploring the olfactory system of Sepia officinalis that did not make it to final 

publication and the reasons behind these decisions.  
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Table A1.1 Table of Unpublished Results. Including target antigen, producer, and the 

reason the results were discounted or excluded from this study.  

Target Antigen Producer(s) Reasons for excluding 

Tyrosine 
hydroxylase 

Immunostar, 
Hudson WI, USA 

 

No consistent staining between 
fluorescence, DAB, or ISH 

 

GABA 
Immunostar, 

Hudson, WI, USA 
 

Stained epithelial cells and blood 
vessels 

 

Glutamate 

Sigma Aldrich, 
Mississauga, ON, 

Canada 
 

No consistent staining 
 

Homer 

Synaptic Systems, 
Goettingen, 
Germany 

 

No consistent staining except lateral 
lines 

 

Bassoon 
Enzo Life Science, 
Farmingdale, NY 

 

No consistent staining 
 

Vesicular 
acetylcholine 
transporter 

protein 

EMD Milipore, 
Billerica, 
MA, USA 

 

No consistent staining 
 

Vesicular 
glutamate 

transporter 
protein 

Synaptic Systems, 
Goettingen, 
Germany 

and 
Sigma Aldrich, 

Mississauga, ON, 
Canada 

 

No consistent staining except lateral 
lines 

Synaptotagmin 
1E11 

Custom antibody 
No consistent staining 

 

Synaptotagmin V 

Santa Cruz 
Biotechnology, 

Dallas, TX, USA 
 

No staining 

Synaptotagmin I 
Santa Cruz 

Biotechnology, 
Dallas, TX, USA 

No staining 
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A1.2 Tested Fixation Procedures 

In addition, I attempted many different protocols for fixation of S. officinalis in whole-mount 

that did not succeed in complete fixation through the central nervous system. I record which 

protocols were attempted as well as if peripheral or central fixation was successful for future studies 

who are interested in immunohistochemistry or in situ hybridization on S. officinalis in whole-mount.  
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Table A1.2 Fixation Methods that were Tested from 2014-2017. * = peripheral fixation 

but no CNS fixation; ** = both peripheral and CNS fixed; N/A = not applicable.   

 2014 2015 2016 2017 

PFA 4% 

*12 hrs whole *24 hrs whole 

**48 hrs head 

and mantle 

severed 

**72 hrs head 

and mantle 

severed; arms 

removed 

*12 hrs eyes 

removed 
**36 hrs whole N/A N/A 

*12 hrs 3 holes 

punctured on 

each side 

** 48 hrs whole N/A N/A 

*12 hrs head 

and mantle 

severed 

** 5 hrs then 

severed head 

from mantle 

then additional 

1 hr PFA 4% 

then head cut 

down anterior-

posterior axis 

then 36 hrs PFA 

4% 

N/A N/A 

12 hrs 

0.025% 

collagenase II 

for 1 hr before 

fixation 

** 12 hrs brain 

completely 

dissected out 

N/A N/A 

12 hrs 

0.025% 

collagenase II 

for 0.5 hrs 

before fixation 

N/A N/A N/A 

Methanol 12 hrs whole N/A 

24 hrs mantle 

and head 

severed 

N/A 
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 2014 2015 2016 2017 

12 hrs eyes 

removed 
N/A N/A N/A 

12 hrs 3 holes 

punctured on 

each side 

N/A N/A N/A 

12 hrs head and 

mantle severed 
N/A N/A N/A 

12 hrs eyes 

removed and 

constant 

agitation 

N/A N/A N/A 

12 hrs 3 holes 

punctured on 

each side and 

constant 

agitation 

N/A N/A N/A 

12 hrs head and 

mantle severed 

and constant 

agitation 

N/A N/A N/A 

EDAC 

EDAC 3 hrs 

PFA 4% 12 hrs 

Eyes removed 

Head and 

mantle severed 

12 hrs EDAC 

then 12 hrs PFA 

2% whole 

*12 hrs EDAC 

then PFA 4% 24 

hrs mantle and 

head severed 

**24 hrs EDAC 

then 48 hrs 4% 

PFA; mantle 

and head 

severed after 12 

hrs; arms 

removed 

12 hrs EDAC 

then 12 hrs PFA 

4% whole 

0.05% 

collagenase II 

for 1.5 hrs 

before fixation 

12 hrs.  mix of 

EDAC 2% and 

0.4% PFA then 

PFA 2% 12 hrs 

whole 

N/A 

**24 hrs EDAC 

then 48 hrs 4% 

PFA; mantle 

and head 

severed after 12 

hrs; arms 

removed; EDAC 

injected in 

perfusion style 

into brain 
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 2014 2015 2016 2017 

N/A 

12 hrs EDAC 

then PFA 2% 24 

hrs whole 

N/A N/A 

N/A 

12 hrs mix of 

EDAC 2% and 

0.4% PFA then 

PFA 2% 24 hrs 

whole 

N/A N/A 

N/A 

12 hrs EDAC 

then PFA 2% 12 

hrs head and 

mantle severed 

N/A N/A 

N/A 

*12 hrs EDAC 

then PFA 4% 48 

hrs 

N/A N/A 

Glutaraldehyde 

4 hrs 

Glutaraldehyde 

0.5% in 4% PFA 

solution eyes 

removed and 

head and 

mantle severed 

N/A 

24 hrs 

glutaraldehyde 

0.5% in 4% PFA 

solution mantle 

and head 

severed 

N/A 

Paraformaldehyde 

/lysine/periodate 
N/A N/A *24 hrs N/A 

 

A1.3 Tested Blocking Solutions 

Finally, to optimize immunohistochemistry results, I tested four alternative blocking 

solutions with each fixative type. Reported below are the blocking solutions tested that did not result 

in better staining than reported in my final results above.  
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Table A1.3 Different Blocking Buffers Tested. To determine optimal 

immunohistochemical staining for each fixation procedure. 

Blocking buffers tested 

TRIS-HCL (pH 8.0) 

PBS-T (2% Triton X-100, 1% DMSO, 1% BSA) 

EDTA then PBS-T 
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Appendix B: Control Experiments 

A2.1 In situ Hybridization Controls  

In situ hybridization (ISH) staining was confirmed with a sense single strand mRNA probe 

that is the same sequence as the endogenous single strand mRNA and therefore will not bind, 

resulting in no staining. This was demonstrated using the antisense mRNA probe had the 

complementary sequence and was therefore specific to the targeted endogenous mRNA (Figure 

A2.1).  
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Figure A2.1 FMRFamide sense versus antisense mRNA probe. FMRFamide (FMRFa) 

mRNA sense probe in a stage 27 embryo. (A) No visible staining in the olfactory region, 

or anywhere else on the mantle, head, or arms. (B) After incubating in the same exact 

conditions for the same amount of time, staining was isolated to that region of epithelium. 

(C) A low magnification of the entire embryo demonstrating no FMRFa expression. (D) 

Same conditions, FMRFa expression in the olfactory organs. Scale bars are equal to 1 

mm.  
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A2.2 Endogenous Tissue Fluorescence Controls 

An additional concern was the natural autofluorescence of S. officinalis tissue. It has often 

been reported that iridophores in the skin naturally reflect light at certain wavelengths, so I wanted 

to confirm that the staining reported in this study was due to the immunohistochemistry protocol 

and was not affected by natural reflection. I sampled several sections of central nervous system 

(CNS) and mantle tissue and exposed them to different wavelengths under the fluorescent 

microscope to observe natural autofluorescence of untreated tissue. No autofluorescence was 

detected under 555 nm (Supplementary Figure A2.2 B) or 488 nm (Supplementary Figure A2.2 C) 

wavelengths, and incredibly minimal fluorescence in the epithelium was observed under UV light 

(Supplementary Figure A2.2 A). 
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Figure A2.2 Demonstration of natural autofluorescence of CNS. Tissue after 

Sectioning in a stage 27 embryo fixed with 4% PFA (A) Slight autofluorescence of tissue 

under UV light. UV light was used for DAPI label of nuclei, and any experimental results 

at this intensity would have been discounted. (B) No fluorescence of natural tissue under 

555 nm wavelength at the same intensity of UV (C) No natural fluorescence of natural 

tissue under 488 nm wavelength of same intensity as (A) and (B). 
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A2.3 Omission of Primary Antibody Controls  

The next control experiment I conducted was to observe the amount of fluorescence due to 

the secondary antibody by omitting the primary antibody in the usual immunohistochemistry 

experiments. Control experiments (without primary antibody) were conducted on one section while 

the rest of the series was treated under normal experimental conditions (with primary antibody) so 

that the control section (40 µm thick) could be easily compared. The non-primary antibody control 

sections resulted in a general light hazy staining throughout the tissue, without any specific pattern 

or strong labeling of cells or neurites, which directly contradicted the experimental sections in the 

subsequent section which demonstrated the usual pattern of staining as described in the results. As 

an additional precaution, I only focused on those areas of the CNS that had demonstrated consistent 

staining. For example, my control experiment omitting anti-serotonin was conducted in the olfactory 

lobe so that the experimental condition showed both neurons and neuropil, while the control 

showed no specific staining (Figure A2.3 A). Anti-APGWamide (APGWa) was consistent in the 

neuropil of the optic lobe, and was expressed in the experimental section next to the control section, 

but no staining was observed in the control (Figure A2.3 B).  Likewise, FMRFa and histamine (HA) 

antibody omissions were all conducted on sections of the olfactory organ, as there was the most 

consistent staining throughout my experiments (Figure A2.3 C-D).  
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Figure A2.3 Immunohistochemical controls with primary antibody. On sequential 

sections of stage 27 embryos (40 µm thickness) to demonstrate staining with (right) and 

without (left) primary antibody in regions in which the antibody is expressed strongly. (A) 

No serotonin (5-HT)-LIR in the dorsal-basal lobe without primary antibody, (B) but the 

subsequent section demonstrated strong immunofluorescence in cell bodies and 

neuropil. (C) No APGWa-LIR in the neuropil of the optic lobe, however all other sections 

(D) show intensely labeled neuropil with APGWa-antibody. (E) No immunofluorescence 

in the olfactory organ without anti-FMRFa, (F) yet there are fibers, cell bodies, and 

neuropil visible with the antibody present. (G) No staining in the olfactory organ without 

primary HA antibody, (H) but the stereotypical bright elements and neuropil staining are 

visible in the control section.  
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A2.4 Histamine-conjugate Pre-absorption Controls 

Histamine conjugated to bovine serum albumin was used to quench activity of the primary 

antibody to demonstrate the specificity of the anti-histamine. In a similar experiment to the previous 

controls, the histamine conjugate was incubated with primary anti-histamine for 24 hrs before being 

applied to one section of the olfactory organ while the sequential section on the slide was treated 

with normal anti-histamine. The remaining procedure was conducted as described in the Chapter 2: 

Material and Methods. Figure A2.4 demonstrates the results from the preabsorbed-antibody (Figure 

A2.4 A) and the experimental condition (Figure A2.4 B) in which no conjugate was added to the 

primary antibody beforehand. 
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Figure A2.4 Pre-absorption control experiment. (A) Histamine was conjugated to 

bovine serum albumin (BSA) and incubated with 1:200 primary antibody overnight, and 

applied to one section. (B) Immunohistochemistry was performed as on a stage 27 

embryo as normal with experimental conditions observed on surrounding sections. Scale 

bars are equal to 100 µm. 
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Appendix C: Histidine Decarboxylase mRNA NCBI Blast Results 

A3.1 Histidine Decarboxylase BLASTp Results in Invertebrates  

Results from the NCBI BLASTp query of S. officinalis histidine decarboxylase mRNA within 

the non-redundant protein sequences database were used for the creation of the phylogenetic tree. 

Identity was between 82-71% similar, with E-values at a minimum of E-56. Results are displayed in 

phylogenetic tree in Figure 3.9.  
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Table A3.1 Raw data from BLASTp query for S. officinalis HDC. From the non-

redundant protein sequences database for S. officinalis HDC peptide sequence used for 

the creation of the phylogenetic tree (Figure 3.9). 

Accession Number Identity % Max Score E-value Total Score 

XP_019926970.1 82.051 89.74 2.00E-62 211 

EKC37654.1 81.081 89.19 4.82E-58 197 

XP_014666248.1 77.778 87.18 4.59E-59 202 

NP_001191536.1 77.778 86.32 3.17E-57 199 

XP_019932773.1 77.778 86.32 6.77E-56 191 

XP_014297826.1 76.923 86.32 2.55E-58 199 

XP_011308066.1 76.923 86.32 4.12E-58 199 

XP_011308065.1 76.923 86.32 4.70E-58 199 

XP_015127352.1 76.923 86.32 4.98E-58 199 

XP_013070812.1 76.923 84.62 9.33E-56 191 

JAN41888.1 76.068 86.32 4.52E-59 199 

KZS17607.1 76.068 86.32 2.59E-58 199 

XP_018918112.1 76.068 87.18 4.52E-58 197 

KPM10342.1 76.068 86.32 9.97E-58 196 
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Accession Number Identity % Max Score E-value Total Score 

XP_011494806.1 76.068 85.47 1.25E-57 196 

XP_008179690.1 76.068 86.32 2.06E-57 196 

XP_011155866.1 76.068 85.47 2.23E-57 197 

XP_011153941.1 76.068 85.47 2.45E-57 197 

XP_011155865.1 76.068 85.47 2.48E-57 197 

XP_015372399.1 76.068 86.32 3.63E-57 196 

XP_012264934.1 76.068 84.62 3.70E-57 195 

XP_011688458.1 76.068 85.47 4.77E-57 197 

XP_011494797.1 76.068 85.47 4.78E-57 196 

XP_012059444.1 76.068 84.62 5.03E-57 196 

XP_014474476.1 76.068 85.47 5.24E-57 196 

XP_014275441.1 76.068 85.47 6.48E-57 195 

KYN08025.1 76.068 84.62 1.12E-56 196 

EGI58389.1 76.068 84.62 1.12E-56 196 

XP_018399133.1 76.068 84.62 1.15E-56 196 

KYN20262.1 76.068 84.62 1.24E-56 196 

KYN35038.1 76.068 84.62 1.25E-56 196 
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Accession Number Identity % Max Score E-value Total Score 

XP_011065790.1 76.068 84.62 1.25E-56 196 

XP_018348285.1 76.068 84.62 1.26E-56 196 

XP_018399126.1 76.068 84.62 1.29E-56 196 

XP_018362421.1 76.068 84.62 1.29E-56 196 

XP_018050596.1 76.068 84.62 1.29E-56 196 

XP_012536885.1 76.068 84.62 1.46E-56 195 

KYQ55866.1 76.068 84.62 2.62E-56 194 

XP_018302816.1 76.068 84.62 3.01E-56 194 

KYM81151.1 76.068 84.62 5.40E-56 196 

OTF71062.1 75.214 86.32 9.57E-59 198 

XP_011865708.1 75.214 85.47 4.62E-58 195 

XP_015430117.1 75.214 85.47 1.06E-57 196 

XP_015519147.1 75.214 85.47 1.32E-57 196 

XP_011865703.1 75.214 85.47 2.01E-57 195 

XP_014236666.1 75.214 85.47 2.07E-57 197 

XP_014236665.1 75.214 85.47 2.10E-57 197 

XP_016768642.1 75.214 85.47 3.26E-57 197 
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Accession Number Identity % Max Score E-value Total Score 

XP_016921370.1 75.214 85.47 3.59E-57 197 

XP_016768640.1 75.214 85.47 3.64E-57 197 

XP_016921368.1 75.214 85.47 3.73E-57 197 

XP_006621119.1 75.214 85.47 3.73E-57 197 

KZC08499.1 75.214 85.47 3.77E-57 196 

XP_006570903.1 75.214 85.47 3.77E-57 197 

XP_006621116.1 75.214 85.47 3.86E-57 197 

XP_012168299.1 75.214 85.47 3.93E-57 197 

XP_012245142.1 75.214 85.47 3.93E-57 197 

XP_003393425.1 75.214 85.47 4.07E-57 197 

XP_012348090.1 75.214 85.47 4.54E-57 197 

KDR23540.1 75.214 86.32 7.31E-57 194 

XP_015589121.1 75.214 85.47 9.31E-57 196 

XP_012147916.1 75.214 85.47 1.01E-56 196 

XP_017762045.1 74.359 85.47 6.38E-57 196 

XP_017762038.1 74.359 85.47 6.46E-57 196 

XP_016841713.1 74.359 85.47 9.59E-57 195 
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Accession Number Identity % Max Score E-value Total Score 

XP_016841712.1 74.359 85.47 1.03E-56 195 

XP_017881211.1 74.359 85.47 1.17E-56 195 

XP_017881210.1 74.359 85.47 1.22E-56 195 

XP_016841711.1 74.359 85.47 1.98E-56 195 

XP_008202389.1 74.359 85.47 2.10E-56 195 

JAT15827.1 74.359 82.05 2.75E-56 182 

XP_014212796.1 74.359 84.62 3.05E-56 193 

XP_014212795.1 74.359 84.62 3.67E-56 193 

XP_012234480.1 74.359 84.62 6.48E-56 193 

XP_014212794.1 74.359 84.62 8.82E-56 193 

XP_014212793.1 74.359 84.62 1.03E-55 193 

XP_014212792.1 74.359 84.62 1.05E-55 193 

XP_014614571.1 73.504 84.62 1.89E-57 184 

XP_013401543.1 73.504 88.89 9.06E-57 195 

XP_015930081.1 73.504 88.89 4.80E-56 191 

XP_014245782.1 71.795 87.18 9.92E-57 192 

XP_019622539.1 71.795 86.32 3.44E-56 193 
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A3.2 Histidine Decarboxylase BLASTp Results in Model Species  

To confirm that our S. officinalis histidine decarboxylase (HDC) mRNA sequence was not 

restricted to invertebrates, I report results from the NCBI BLASTp query of S. officinalis HDC 

mRNA within the model organisms (landmark) database that were used for the creation of the 

phylogenetic tree of comparisons to well-studied model organisms. Identity was between 65-29% 

similar. Results are displayed in phylogenetic tree in Figure 3.10.  

Table A3.2 Raw data from BLASTp query for S. officinalis HDC. From the Model 

Organisms (landmark) Database for S. officinalis HDC peptide sequence used for the 

creation of the phylogenetic tree (Figure 3.10). 

Accession Number Identity % Max Score E-value Total Score 

NP_523679.2 65.812 88.03 2.93E-55 187 

NP_001260856.1 65.812 88.03 4.75E-55 184 

XP_016877587.1 62.393 81.2 5.36E-50 169 

NP_032256.3 62.393 82.05 1.05E-49 170 

XP_006498847.1 62.393 82.05 1.27E-49 170 

XP_016877586.1 62.393 81.2 1.28E-49 169 

XP_016877585.1 62.393 81.2 1.33E-49 169 

NP_002103.2 62.393 81.2 2.07E-49 169 

XP_016877583.1 62.393 81.2 2.87E-49 169 
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Accession Number Identity % Max Score E-value Total Score 

NP_724489.1 59.292 77.88 1.82E-41 147 

NP_001096063.1 55.556 82.05 2.03E-44 155 

XP_005169965.1 54.701 81.2 7.30E-44 153 

NP_610226.2 53.448 72.41 6.39E-38 137 

NP_495744.1 52.137 72.65 1.33E-38 139 

NP_495743.1 52.137 72.65 2.99E-38 139 

NP_724163.1 52.137 66.67 2.50E-37 135 

NP_724164.1 52.137 66.67 2.61E-37 134 

NP_057881.1 51.724 72.41 2.67E-39 139 

XP_006514549.1 51.724 72.41 4.93E-39 139 

NP_476592.1 50.435 65.22 2.01E-34 127 

NP_724162.1 50.435 65.22 5.05E-34 125 

NP_001229818.1 50 73.28 6.39E-39 137 

NP_001229816.1 50 73.28 1.18E-38 137 

XP_011513463.2 50 73.28 1.55E-38 137 

NP_000781.1 50 73.28 2.72E-38 137 

NP_001229817.1 50 73.28 7.57E-38 134 
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Accession Number Identity % Max Score E-value Total Score 

NP_001229815.1 50 73.28 1.72E-37 134 

XP_005271802.1 50 73.28 1.72E-37 134 

NP_998507.1 50 68.97 6.70E-37 133 

XP_003521317.1 41.803 58.2 1.76E-27 107 

NP_001324415.1 40.984 58.2 1.53E-24 99.8 

NP_849999.1 40.984 58.2 1.75E-24 99.8 

NP_502265.2 40.196 60.78 2.76E-20 88.2 

NP_001293075.1 40.171 54.7 5.75E-21 90.1 

XP_016877584.1 40.171 54.7 5.80E-21 90.1 

XP_003547319.1 39.85 57.14 3.49E-24 99 

NP_001190862.1 39.474 62.28 1.76E-22 94.4 

NP_194597.1 39.474 62.28 1.79E-22 94.4 

NP_001190861.1 39.474 62.28 1.80E-22 94.4 

NP_001078461.1 39.474 62.28 1.89E-22 94.4 

NP_498210.1 38.462 64.96 4.01E-23 95.9 

NP_001021151.1 37.607 61.54 1.41E-22 94.4 

NP_001021150.1 37.607 61.54 1.42E-22 94.4 



208 
 

Accession Number Identity % Max Score E-value Total Score 

XP_003535055.2 37.594 54.14 3.65E-23 95.9 

XP_003529905.1 35.461 50.35 2.22E-21 91.3 

NP_001329473.1 31.69 50 3.48E-17 79.3 

NP_001285910.1 30.189 49.06 0.74 32.3 

NP_476788.1 29.63 48.15 0.32 33.5 
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