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Abstract

Collagen fibril are the smallest repeating units in load-bearing collagenous tissues

such as tendon and bone, functioning as a microscopic stress mediators in mam-

malian bodies. These fibrils are twisted self-assembled aggregates of triple-helical

polypeptides, forming with a characteristic 67nm density striation known as the D-

band. Although the stress-strain curve of individual collagen fibrils has been studied,

changes in the fibrillar structure with strain have typically been investigated through

tissue-level measurements using X-ray scattering. In this thesis I address the need to

mechanically and structurally assess individual collagen fibrils under tension by cap-

turing atomic force images of collagen fibrils adsorbed to an elastomeric film (PDMS),

which is strained using a house-build stretching stage. Results from this experiment

show that the fibrillar structure responds inhomogeneously to applied tension through

tautening and sliding of its constituent polypeptides, restructuring mechanisms that

have been suggested in previous studies but never directly observed.

ix



List of Abbreviations Used

AFM Atomic Force Microscope. 5

MEMS Microelectromechanical System. 11

PBS Phosphate Buffered Saline solution. 19

PDMS Polydimethylsiloxane. viii

PEG Polyethylene glycol. 6

QNM Quantitative Nanomechanical Mapping. 12

SAXS Small Angle X-ray Scattering. 8

SEM Scanning Electron Microscope. 11

TEM Transmission Electron Microscope. 12

x



Acknowledgements

I’d like to acknowledge my supervisor Laurent Kreplak for maintaining my enthusiasm

and providing guidance throughout my studies. I’d like to thank Stephen Payne

and Tanya Timmins for their tremendous efforts in keeping the Physics department

operational. I’d also like to acknowledge Cameron Rudderham, Asif Iqbal, Fouad

Kaadou, Patrick Strongman, Karan Chowdhry and all the others in the Dunn, room

207 and beyond for providing research advice and generally keeping life interesting.

xi



Chapter 1

Introduction

1.1 Overview

Collagen is the most abundant protein type in mammals, and fulfills the role of

maintaining the shape and the mechanical strength of tissue. The tissues with the

highest collagen density in mammalian bodies exist within the skeletal structure or act

as connective tissues between muscle and bone (such as ligaments and tendon). The

tendon, being a model example of collagen’s role as a stress mediator, has a structure

that is self-similar at many length scales. Because of this, deformation mechanisms

observed at the finest levels of the tendon structure can, through analogy, be related

to those experienced by the tissue at the macroscopic level. The following sections

describe briefly the hierarchy of tendon structure, including the role that the collagen

fibril plays as the tissue’s lowest-level constituent.

1.2 Tendon

Tendons are the primary load-bearing structural element in mammalian tissue. The

function of a tendon is to mediate and transmit stress applied by muscle to the skeletal

structure in mammals, and as a result the structure of a tendon is comparable to a

rope or other woven synthetic fiber. Tendon tissues are unique in the animal kingdom

in that they are composed primarily of a single molecular building block (type I

collagen triple helixes); all other constituents (such as Proteoglycans [1] and Elastin

[2]) of the tendon superstructure function to stabilize the tissue structure [3]. While

the macroscopic shape and size of tendons varies between species and location within

the body, tendons have a consistent hierarchical structure that ascends in length-

scale as follows: collagen triple helical molecules (∼1nm diameter) compose collagen

fibrils (∼100nm diameter) which compose fibers (∼1µm diameter) which compose

fascicles (∼100µm diameter) which collectively form tendons (1-10mm diameter) [4].

1
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The ’fascicle’ echelon of tendon structure is sometimes broken into several sub-levels

(primary, secondary and tertiary fiber bundles), with levels distinguished from one

another by the presence of an endotenon membrane wrapping the fiber bundles [5].

This membrane laterally separates subcomponents of the tendon at multiple scales,

so that axial stress dominates as the main mode of mechanical loading for these

subcomponents (with axial stress observed to be 2-3 orders of magnitude larger than

intrafibrillar shear stress when the tissue is loaded [6]).

1.3 Collagen fibrils in-vivo

The collagen fibril is the finest macromolecular structure within the tendon hierarchy.

Just as the larger fibers and fascicles of the tendon structure are rope-like structures

composed of smaller strands of collagen, the fibril is a twisted ply of triple-helical

molecules [7] known as collagen trimers [8]. However because these triple-helixes

are monomers in the context of fibril assembly, they will be referred to as collagen

monomers going forward in this thesis. Type I collagen, the most common collagen-

type found in tendon, consists of two α1 and one α2 procollagen chains. The pro-

collagen chains are individually assembled in the interior of fibroblasts (cells that are

responsible for synthesis of extracellular material in mammals) [9], and in the (2α1,

1α2) proportion come together to form a helical structure stabilized by hydrogen

bonding [10]. The triple helical procollagens terminate with a carboxyl group at one

end and an amine group at the other (known as the C- and N- termini, respectively).

At both the C- and N- termini of the newly-assembled procollagen monomer is a

non-helical propeptide region [9]. Once assembled by the fibroblast, the procollagen

monomer is ejected into the extracellular space, where C- and N- proteinase cleaves

the C- and N-propeptide regions from the structure, respectively (figure 1.1) [11].

The cleavage of these domains transforms the procollagen into a collagen monomer

(approximately 300nm in length) which goes on to aggregate with other monomers

in a quasi-hexagonal packing [12] to form collagen fibrils. The formation of collagen

fibrils from these monomers is a process of entropy-driven self assembly [5]; this makes

the large-scale structure of the fibril sensitive to the morphology and amino-acid se-

quence of individual collagen molecules [13] [14] [15]. In the process of fibril assembly,

the enzyme lysyl-oxydase binds to regions near the C- and N- termini of the collagen
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monomers and catalyzes an oxydation reaction between the lysine and hydroxylysine

residues of adjacent monomers. The product of this reaction is a ’zero-length’ inter-

molecular cross-link, which further stabilizes the collagen fibril structure [16].

According to the Hodges-Petruska model of the fibrillar structure, Collagen monomers

assemble within the fibril structure with a staggering of approximately 1
5

of the dis-

tance between the like-termini of axially adjacent monomers [17]. This like-termini

distance is longer than the monomer’s 300nm length by∼35nm; this distance is known

as the ’gap’ length. The gap spacing and axial staggering of molecules combined gives

rise to a density striation with a length scale of 300+35
5
≈ 67nm and a low/high den-

sity ratio of 0.8 known as the D-band. The high and low density regions within the

D-band striation are known as the overlap and gap regions respectively.

Figure 1.1: An illustration of the fibril assembly process, from procollagen formation
to molecular packing. Figure reprinted from [9]



4

In addition to an axial density inhomogeneity, the collagen fibril super-structure

has been observed to be helical ([18],[19]) with a pitch that varies between tissue

type, but observed to be between 0.4 µm [20] and several microns. Modeling this

structure as a double-twisted cylindrical liquid crystal, Cameron et al. suggest that

the twisting of collagen molecules decreases the free-energy of fibril assembly [21], and

that a radially-dependent twist angle works to limit the size of collagen fibril growth

in-vivo. Furthermore the helical pitch of the collagen fibrils appears to be tissue

dependent [20],[19]. This suggests that either the helical structure of fibrils provides

tissue-level functionality, or that tissue-specific function influences the development

of fibrillar pitch.

1.4 Fibrillar structure affects tissue mechanics

Macroscopic differences in mechanical properties between tissue types are, in part,

manifestations of structural differences in their constituent collagen fibrils [22] [23]. A

wide distribution of fibril radii, cross-link density and even sub-D-band structure have

been observed across many species of the animal kingdom [24] [25] [26] [27]. Notably,

collagen fibrils extracted from sea cucumber dermis have a unique transition region

at their mid-point, where the N-C orientation of monomers flips to a C-N orientation.

This, paired with a tapering of the fibril at its ends makes them resemble high-aspect-

ratio spindles. There is evidence that even this tapering has a specific role in stress

transfer in-vivo [28].

There can even be a large variety in fibril morphology within the same animal model.

In their 2016 study, Herod et al. demonstrated that the bovine common digital

extensor tendon is not only mechanically stronger than superficial digital flexor tendon

extracted from the same animal, but that the failure mode of individual collagen

fibrils from each tissue is distinct [22]. This is significant considering the difference in

function between these two tissues; bovine extensor tendons provide cows with fine

positional control of their hooves, whereas bovine flexor tendon stores and releases

energy with every step the animal makes. In a single-fibril tensile testing experiment,

Quigley et al. showed that collagen fibrils from these two tendon types have unique

stress/strain behaviours and mechanical toughness, which speaks to the difference in

function that these two tissue types have in-vivo [29] (figure 1.2). The mechanical
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contrast between these two collagen fibril models can be in part attributed to their

differences in intra-fibrillar cross-link density, which further dictates other structural-

mechanical characteristics such as size [22] and fatigue resistance [30].

Figure 1.2: a,b) Energy storing fibrils stiffen at high strain, while positional fibrils
do not. The dashed line indicates the initial portion of the stress-strain curve that
could not be captured using the bowstring technique, and was therefore approximated.
Figure and caption reprinted from [29].

1.5 Factors affecting the mechanics of collagen fibrils

Consistent with their function as a stress mediator in-vivo, collagen fibrils are fa-

mously robust under tension; depending on tissue type [31] [32] [33] and age, collagen

fibrils are capable of withstanding 100s of MPa of applied axial stress before rupturing

(see figure 1.2). There are a range of factors that affect fibril strength, below is a

brief review of those that are relevant to this thesis.

1.5.1 Hydration

One of the most biologically relevant factors that affect fibril mechanics is hydration.

Fibril water content has been shown to affect not only the strength of the fibril, but

also its structure. In an Atomic Force Microscopy (AFM) based nanoindentation

study, Andriotis et al. noticed that a ∼1.5-2 fold increase in fibril diameter corre-

sponds to a decrease in indentation modulus of a full order of magnitude [34]. A single-

microfibril molecular-dynamics simulation performed by Gautieri et al. suggests that
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water acts as a lubricant within the fibrillar structure, pushing adjacent monomers

apart and allowing them to slide across one-another [35]. Masic et al. demonstrated

that water even has an effect on the conformation of collagen monomers, and that

removing water from the fibril induces structural changes in the collagen triple-helixes

which results in strong molecular tensile stresses [36].

Grant et al. tuned the modulus of hydrated collagen fibrils by bathing them

with separate aqueous solutions of ethanol and monovalent salt [37]. The ethanol

dehydrates the fibril by displacing water from within its structure [38], allowed for

the reformation of inter-molecular hydrogen bonds. These bonds were unable to

form when the water was present and screening the molecule-molecule interactions;

their reformation has the effect of stiffened the fibril [37]. The salt has a similar

effect on the hydration of the fibrils; increasing the concentration of solute in the

solution surrounding the collagen fibril decreases the osmotic pressure between the

interior of the fibril and the surrounding solution, thereby drawing water out from

within the fibrillar structure [39]. Both treatments were found to increase the average

indentation modulus of fibrils 2-3 fold. In a more recent experiment, Andriotis et al.

dehydrated fibrils by immersing them in an aqueous solution of hydrophilic poly-

ethylene-glycol (PEG) [34]. Their observations from this experiment were consistent

with those made by Grant, while being cleaner by avoiding problems associated with

salt crystallization and ethanol evaporation.

1.5.2 Intra-fibrillar cross linking

The collagen fibril structure is stabilized by inter-molecular cross-links, the most

common of which form between lysine groups at the C- and N- termini of laterally

adjacent molecules within the fibril. Development of these links is mediated by an

enzyme known as lysyl-oxydase [40] [41]. These are known as zero-length cross-links,

in that there is no tertiary species linking the two molecules together. There are

also several types of ’true’ cross-linkers present in mature collagen fibrils, the most

common of which are Advanced Glycation End-products (AGE) [42]. AGEs are a

family of intra- and inter-fibrillar cross-linking sugars which slowly accumulate in

and around collagen fibrils as tissue ages. The accumulation of AGEs within the
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collagenous matter reduces the viscoelasticity of collagenous matrices [43]. Curiously,

the density of AGEs cross-links within the fibrillar structure has a negligible effect on

the mechanical properties, only affecting the mechanisms by which the fibril deforms

at high strain [44] [45].

The density and distribution of intra-fibrillar cross-linking affects the viscoelas-

ticity of individual collagen fibrils [44] [42]. This causes the mechanics and structure

of collagen fibrils to be dependent on the fibrillar strain rate, and they furthermore

contribute to the 1-2 minute relaxation time of the collagen fibril after strain has been

applied [46].

1.6 Ligand-collagen interactions in-vivo

The main function of collagen in tissue, either in a hierarchical super-structure such

as tendon or in the extracellular matrix, is to mediate stress. Cells use matrices

of collagen fibrils to transmit mechanical signals over short distances, as well as to

move and re-orient themselves in tissue. For instance, cells have been observed to

align perpendicular to the direction of strain in tissue [47], presumably to avoid being

stretched along with the collagenous network. Functional binding sites for various

species of ligand (such as integrin, used by cells to bind to collagen) are unevenly

distributed along the length of collagen monomers; Wang et al. have observed that

a majority of the ligand binding sites exist within a distance of 1
3

of the full length

of the monomer from its C-terminus [48]. Ligand binding is therefore quite sensitive

to the exposure of binding sites along the length of the α-triple helices [49], which is

affected by the helix’s conformation and by their assembly into the fibrillar structure

[50]. As an example: Matrix Metaloproteinase (MMP) is a family of enzymes which

mediate proteolysis of collagen triple helixes. In human molecular collagen, several

species of MMP are known to bind at a thermally labile site near the C-terminus of

the triple helix [51]; a site which is partially occluded by adjacent molecules when

built into the fibrillar structure [49].

However, the structure of the collagen fibril is not static but is in a constant state of

structural reorganization, which may provide brief opportunities for ligands to bind

to the fibril at locations otherwise buried in the fibril [52] [53]. Applying stress to

the fibrillar structure likely causes the conformation of collagen monomers to change,
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potentially affecting binding site exposure and the modes of dynamic restructuring

of the fibril. However, there are currently no experiments in the literature that have

stabilized the structure of a strained, hydrated collagen fibril, and so the effects of

strain on ligand binding is entirely speculative at this time.

1.7 Micro- and nano-mechanical testing of collagenous tissue

Tensile tests have been performed on collagenous material at a range of length scales,

the most common and anatomically relevant being tests performed on whole tendons

[54] [55] [56]. However, in the last 2 decades there has been a developing interest

in the structural changes induced in collagen fibrils by applied strain. Here a brief

review of the more recent fibrillar straining methods.

1.7.1 Measuring fibrillar strain through application of tissue-level stress

X-ray scattering is a common tool used to quantify structural changes on the fibrillar

level, in tissue-straining experiments [57] [58]. This is a non-destructive technique

where the intensity of X-ray light scattered from a sample is monitored (typically as a

function of scattering angle) to determine the material’s molecular structure, averaged

over the entire sample. Using this approach, changes in the fibrillar structure can be

monitored in real-time as a function of tissue level strain using the scattering patterns

obtained through X-ray scattering. This technique was used on a rat-tail tendon by

Fratzl et al. to demonstrate that only about 40% of strain applied on the tissue level

is transmitted to the constituent fibrils (figure 1.3), and that the transmission begins

at the start of the linear regime of the tendon stress-strain curve (after the tauting

of fascicles and fibers within the tendon structure) [59].

Because X-ray scattering patterns can be obtained continuously while tensile tests

are performed on tissue, the time-dependent response of the fibrillar structure to strain

can be quantified using this technique. Recently Screen et al. were able to capture

the relaxation behavior of fibrils immediately after applying tension to tissue, mak-

ing a model-based statement that collagen fibrils experience morphological changes

induced by water leaving/entering the fibrillar structure, post-stress application [60].

Currently, SAXS-based tendon tensile testing is the only method capable of captur-

ing such time-dependent structural changes. However, the patterns obtained from
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Figure 1.3: Tension required for the elongation of a rat tail tendon (top) and corre-
sponding average collagen fibril D-band strain (bottom). Figure and caption reprinted
from [59]

X-ray scattering provide only an average picture of how the fibrillar structure evolves

with strain, and analysis of these patterns relies on modeling the system of interest

with a simplified geometry (such as a uniform distribution of cylinders [42] [58]).

Furthermore, the peaks in the X-ray scattering intensity associated with the D-band

density striation have been seen to disappear after ∼5% D-band strain, which means

evaluating the fibrillar structure beyond this threshold is effectively not possible [42].

In lieu of this limitation, various single-fibril straining methods have been introduced

that sacrifice sample size for greater detail of the single-fibril strain response.

1.7.2 Review of previous single-fibril straining methods

Several unique techniques have been used to strain individual collagen fibrils. A

large portion of the literature on straining individual fibrils and collagen molecules is

dedicated to techniques that separate the straining procedure from subsequent nano-

structural/mechanical assessment [61] [62] [63] [64]. A popular straining method
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known as nanofishing involves attaching one end of a collagen fibril to a glass sub-

strate and the other end to an AFM cantilever, and obtaining a stress/strain relation-

ship by retracting the cantilever from the surface at a constant rate and measuring

its deflection as a function of retraction distance (see figure 1.4).

In the studies performed by Graham and van der Rijt and coworkers, subsequent

structural analysis of the fibrils post-strain was entirely omitted, and so the mecha-

nisms by which the deformation occurred were speculative, based on features in the

force-extension curves [61] [63]. Quigley et al. introduced a novel approach to strain-

ing collagen fibrils by pulling on sections between glue-points with an AFM cantilever,

similar to the drawing back of a bow [23]. Using this technique, post-straining analy-

sis could be performed immediately after tensile testing (as the AFM cantilever was

not fixed to the collagen fibril with glue, as has been the case in previous studies).

However, as with the nanofishing studies it was only possible to investigate the de-

formed structure of the collagen fibril after stress had been applied and subsequently

removed.

Figure 1.4: a) An illustration of the AFM-based nano-fishing method of tensile testing,
applied to a single collagen fibril. b) An exemplary stress-strain curve for a single
fibril, both in extension and on return. Figure reprinted from [61].

In a similar vein, optical tweezers have been used to perform force spectroscopy

on collagen fibrils as well as on individual collagen monomers [65] [66]. As with

the AFM-based force spectroscopy methods discussed above, optical tweezers obtain

the stress-strain relationship for individual collagen fibrils but fail to capture the

mechanism by which the fibrillar structure deforms with extension. Furthermore,
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this technique is limited to the application of force in the pico-newton range, as

opposed to the nano- to micro-newton capabilities of nanofishing. Shen et al. used a

MEMS device to perform tensile tests on individual collagen fibrils (figure 1.5) [46].

Using a simple Maxwell-Weichert spring-dashpot model, they were able to recognise

two distinct relaxation times from the recorded stress-strain curves, one occuring on

a short timescale (7 ± 2s) and another longer relaxation time (105 ± 5s). All the

previously mentioned single-fibril stretching techniques suffer from the localization

of stress at the clamping-points on the collagen fibril; this detail further complicates

interpretation of the fibrillar stress-strain relationship obtained using these methods.

Figure 1.5: A SEM image of the MEMS device used by Shen et al. to strain individual
collagen fibrils. Figure reprinted from [46]

Several in-silico studies have been performed to simulate the strain-response of

individual fibrils and collagen monomers. The most prevalent work in the field has
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been performed by members of Buehler’s group, who in the last decade have modeled

strain-rate-dependent structural changes in strained collagen molecules, the depen-

dence of hydration on fibril and molecule [67] [68] strain response, as well as the effects

of mineral content [69] and cross-link density [70] on the deformation mechanisms of

fibrils. Results from many of these studies are in excellent agreement with previous

(and subsequent) studies of strained collagen fibril.

1.7.3 AFM nano-indentation applied to collagen fibrils

Atomic force microscopy remains one of the only techniques capable of directly re-

solving D-band-level structural details in collagen fibrils. As an imaging modality it

also has the advantage over SEM and TEM of capturing topographical and mechan-

ical details of collagen fibrils rather than just electron density. As opposed to EM or

confocal microscopy-based techniques, AFM requires no metal coating or fluorescent

labeling to capture images, making it a (relatively) non-invasive means of capturing

sub-micron structural information.

Several AFM imaging modalities exist, each with their relative advantages in partic-

ular applications [71]. The most common imaging mode is known as tapping mode,

which is an intermittent contact mode where the cantilever is driven to oscillate

at/near resonance and atomic force measurements are made using phase shifts and

changes in the amplitude of this motion as the probe scans the sample [72]. Using

tapping mode, Gutsmann et al. demonstrated that collagen fibrils may be radially

inhomogeneous in density, further suggesting that the fibril structure may be compa-

rable to a hollow tube rather than a woven rope [64].

Contact imaging modes, such as Force volume and Quantitative Nanomechanical

Mapping modes, operate by oscillating the cantilever at a sub-resonance frequency

and uses the probe as a sample indenter. These modes obtain mechanical information

from the sample of interest by recording applied indentation force as a function of can-

tilever displacement for each indentation, and fitting these curves to an indentation

model from classical elasticity theory. Using the force volume mode, Grant et al. were

the first to demonstrate that water content in hydrated collagen fibrils dramatically

affects their radial indentation modulus [37]. A comparable and more recent method

to force volume (known as Peakforce Quantitative Nanomechanical Mapping (QNM))
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was used by Baldwin et al. to capture nanomechanical maps with a <10nm/pixel

resolution [73]. In this study, Baldwin demonstrated that the speed at which the

indentation is performed affects the indentation modulus measured on collagen fib-

rils, further demonstrating the viscoelastic properties of the fibrillar structure. When

indenting the fibril at a sufficiently high speed (∼1.2mm/s) the indentation modu-

lus contrast between the gap and overlap regions of the fibril’s D-band repeat was

observed to be comparable to the gap-overlap density ratio of 0.8 predicted by the

Hodges-Petruska stacking model [17]. The interpretation from Baldwin et al. was

that as long as the indentation speed remains faster than the shortest viscoelastic

relaxation time of the fibril, the structure will not have time to relax between inden-

tations and so the modulus becomes a proportional to molecular density.

Atomic force imaging can been paired with tensile testing to make topographical

measurements on collagen fibrils as a function of fibrillar strain. Inspired by the

stretching of cells on elastic substrates [74], Wenger et al. adsorbed collagen fibrils

to a sheet of silicone rubber and strained them by stretching the substrate [75]. This

approach of straining collagen fibrils avoids the stress-localization problems associ-

ated with previous single-fibril straining methods, and at the same time stabilizes the

strained fibrillar structure for structural assessment. Subsequent to strain applica-

tion, the adsorbed fibrils were dried and morphological changes in the collagen fibrils

were measured using an AFM operating in tapping mode. This was the first study to

directly measure structural changes in collagen fibrils as a function of D-band strain,

and it is this study that inspired the experiment performed during my thesis.

1.8 Current work and research questions

From my review of the literature on straining collagen fibrils, I identified a need to

elucidate directly the mechanical-structural response of collagen fibrils in the process

of being strained. The following are 2 research questions which I hoped to answer

with a series of experiments:

1. Gautieri, in their SAXS- based study of strained collagen fibrils, make a model-

based claim that the gap and overlap regions experience different amounts of strain

when the D-band period elongates [42]. Can this strain inhomogeneity be observed
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directly by imaging individual fibrils at several increments of applied strain?

2. The maximum D-band strain observed in SAXS-based experiments is 5% [42].

Is the D-band length measurable beyond 5% strain using a direct imaging method?

If so, does the fibril structure deform irreversibly or fail beyond 10% D-band strain

as suggested by Depalle et al.’s in-silico work [76]?

Using an AFM operating in the Peakforce QNM imaging mode used by Baldwin

et al. [73], I attempted to answer these questions by measuring the nanomechanical

properties of collagen fibrils as a function of strain. This was done using a substrate

strain-transmission method inspired from work by Wenger et al. [75].



Chapter 2

Materials and Methods

2.1 Overview

This section describes in detail an experiment developed to monitor the structural

and mechanical changes of a single collagen fibril as a function of applied strain. An

overview of the sample preparation process is illustrated in figure 2.1.

2.2 Sample preparation

All samples prepared in this study were sourced from a single common digital extensor

tendon. This tendon was collected from the forelimb of an 18-24 month old steer at a

local slaughterhouse (Oulton farm, Nova Scotia, Canada) and immediately frozen in

a -80◦C freezer. Before each experiment, a 2mm section of the extensor tendon was

sliced from the full tendon and allowed to defrost in a petri dish for 5 minutes. The

defrosted sample was hydrated with 200µL deionized water before being manually

splayed with a razor blade and tweezers to release collagen fibrils into the surround-

ing water. 60 µL of the water-collagen solution was pipetted onto the surface of a

1cm×3cm strip of 200µm-thick PDMS (Electron Microscopy Sciences, USA) that was

clamped into a motorized stretching stage. Collagen fibrils suspended in the droplet

were allowed to settle to the surface of the PDMS for 1 hour, to which they strongly

adsorbed. After the settling period, the drop was removed with a pipette and the

PDMS film was washed with a steady stream of several hundred µL of fresh deion-

ized water. The sample still mounted on the stretching stage was left to desiccate

overnight, approximately 18 hours before imaging.

Through a series of deposition trials, I found that pipetting 10-12 5µL droplets in

a grid-pattern resulted in a more uniform distribution of adsorbed fibrils than what

was observed from the single droplet deposition. The difference in fibril distribution

15
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Figure 2.1: Sample preparation procedure

between these two methods can be attributed to the coffee ring effect, where material

suspended in a drop sediments to the outer perimeter of the drop as it dries. When

liquid evaporates from the surface of each drop, there is a net radial flux of liquid
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carried from the interior of the droplet to replace the evaporated liquid at the surface.

This flow carries suspended collagen fibrils to the droplet surface, which eventually

settle to the drop perimeter due to gravity. By depositing a grid of small droplets on

the PDMS, the magnitude of this bulk-to-perimeter displacement is small compared

to that of fibrils deposited from a larger droplet. With only a single 60µL droplet,

fibrils originally suspended in the droplet bulk are often deposited outside of the field

of view of the visible light microscope, making them inaccessible to the AFM can-

tilever for imaging. Although the droplet grid method resulted in a larger number of

fibrils within the microscope field of view than the single droplet method, the choice

of deposition method had no observable effect on the adsorption of individual fibrils

to the PDMS surface. Therefore, the two methods were used interchangeably in this

study and will not be distinguished further in the experimental method.

2.3 Bruker SCANASYST fluid+ probe calibration

The SCANASYST Fluid+ cantilevers used in AFM imaging were calibrated by per-

forming a 500nm ramp of the probe to the surface of a dry glass microscope slide.

The vertical displacement of the laser on a four-quadrants photodiode was measured

as a function of the Z-piezoelectric element position, a line was fit to the linear

displacement-indentation regime of this curve to extract a deflection sensitivity (in

nm/V). The cantilever was then removed 500µm from the surface of the glass slide,

after which the thermal tune method introduced by Sader et al. was applied to calcu-

late the deflection spring constant (in N/m) for the cantilever [77]. In this process, the

cantilever is left to oscillate in response to the thermal noise of the air surrounding the

cantilever, and the first fundamental frequency peak of the resulting power spectrum

was fit with a Lorentzian function. Typical values for the deflection sensitivity, first

fundamental frequency and cantilever spring constants were 13±1.6 nm/V, 129±1

kHz and 0.9±0.2N/m respectively. These three quantities are the mean ± standard

deviations of values obtained from calibrating n = 35 separate atomic force can-

tilevers. All measurement were within the range of calibration estimates advertised

by the manufacturer.
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2.4 Tensile testing stage

2.4.1 Design of the mechanical stretching stage

The stretching instrument was constructed to be a low-profile and lightweight vertical

extension to the sample holder present on the stage of an Atomic Force Microscope

(Bioscope Catalyst AFM; Bruker, USA). Two motorized stages (National Aperture

MM-1M) were attached to a machined block of aluminum (Appendix A.1) and a set

of aluminum motor clamps (Appendix A.2) were attached to the moving stages of

each motor. A 2cm-diameter hole was drilled through the extension between the

motors perpendicular to the axis of travel of the motor stages, to allow clearance

for a long working distance 20× objective mounted on a IX71 inverted visible light

microscope (Olympus, USA). The procedure for operation is as follows: a 1cm×3cm

strip of PDMS with adsorbed collagen fibrils on its surface is clamped between the

two motors. The atomic force microscope head is placed on a set of aluminum stilts

(Appendix A.3) to make room for the stretching stage beneath, and the cantilever is

lowered to the surface of the PDMS to capture images. In order to avoid exciting an

oscillatory mode in the suspended PDMS strip while scanning with the cantilever, a

200µm-thick microscope cover slide is held to the underside of the PDMS and clamped

in this position with a side-clamp (Appendix A.4). This entire clamp assembly is

depicted in Appendix A.5.

2.4.2 Calibration of the mechanical stretching stage

A 30nm thick layer of gold was deposited onto the surface of a PDMS strip through

a hexagonal lithography mask (8GC360 TEM grid, Sigma Aldrich, USA). This treat-

ment patterned the surface of the strip with a grid of hexagons with a like-vertex

spacing of 60µm (figure 2.2a). The hexagonal pattern served as a grid of fiducial

points to estimate the strain field of the PDMS surface as the film is stretched by the

motors. Using the inverted microscope, distances between like vertexes of neighbor-

ing hexagons was measured as a function of strain applied simultaneously by the two

motors. Starting with the PDMS strip pulled taut between the two clamps, six incre-

ments of 5% strain were applied to the sample. The PDMS strip was extended from

an unstrained length of 23.7mm at an extension speed of 50µm/s (25µm/s for each
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motor, corresponding to a strain rate of 0.2%/s). At each 5% strain increment five

measurements of hexagon-hexagon distance were recorded and averaged (figure 2.2a).

Average hexagon-hexagon distance strain values are plotted versus film strain applied

(figure 2.2b). The measured strain was systematically smaller than the applied strain,

for applied strain increments above 15%.

Figure 2.2: a) Gold hexagons deposited on an unstretched PDMS strip versus hexagons
on the PDMS strip that has been strained by 30%. b) Inter-hexagon distance strain
versus total PDMS film strain. The dotted line indicates a 1:1 correspondence between
applied and measured strain.

2.5 Fibrillar extension tests

2.5.1 AFM imaging

All AFM images were obtained in 1× Phosphate buffered saline (PBS) using a Bio-

scope Catalyst (Bruker, USA) operating in Peak Force Quantitative Nanomechanical

Mapping mode (Peak Force QNM). The images were 256×256 arrays obtained at a

vertical tip velocity of 1.2 mm/s, a scan rate of 0.5 Hz, a peak force amplitude (oscil-

latory amplitude) of 300nm and a peak force set-point of 5 nN. Force versus distance

curves were acquired at every pixel.

2.5.2 Fibril straining procedure

Dessicated samples were re-hydrated with 60µL of PBS for about 30 minutes before

imaging began. AFM imaging was performed while the PDMS strip was held between
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the clamps of the motorized stage extension, and a microscope slide was clamped

beneath the PDMS to support the sample for imaging. An inverted visible light

microscope (IX71, Olympus, USA) was used to find 50µm long fibrils that were

oriented along the stretching axis, to be centered under the cantilever for imaging.

An initial low resolution image (256×256 pixel with dimensions 50µm×50µm) was

captured to find the position and conformation of the fibril on the PDMS substrate

and to extract its contour length. Three consecutive high resolution images (256×256

pixel, 2µm×2µm) were then taken in a region near the center of the fibril’s length,

such that the three images overlapped by approximately 200nm at the image’s edges.

This was done to ensure that a continuous 5-6µm segment of the fibril was captured

between the three regions. Capture of all 4 images took approximately 1 hour on

average per fibril.

After the imaging of each fibril, the PBS solution was removed from the sample

and washed with 60µL deionized water three times before 60µL of fresh PBS solution

was deposited once again onto the sample. This was done to avoid the build-up of

excess salt as the solution evaporated during imaging. The glass microscope slide

and crossbar clamp were removed and the motorized clamps strained the sample by

a 5% increment. The microscope slide and crossbar clamp were then re-installed and

the imaging procedure was repeated. Imaging began about 10 minutes after strain

was applied, which exceeds the relaxation time of single fibrils of approximately 100s

[46]. The sample was returned to its original length from a maximum of 30% strain

in one increment and subsequently imaged using the same method as described above.

2.6 Data analysis

2.6.1 Fibril contour length

To estimate the strain applied to each collagen fibril, a Matlab-based software [78]

was used to extract contour lengths of collagen fibrils from the 50µm×50µm low

resolution images captured at each applied strain. A fiducial length was measured as

the length of fibril section between fiducial markers on the PDMS background. The
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most common of these markers were micron-sized chunks of biological matter, that

remained adhered to the PDMS after the sample rinsing process. The procedure for

extracting contour length is the following: the 50µm × 50µm height image is binarized

by using a half-maximum threshold, followed by skeletonizing the image to convert

the fibril to a 1-pixel-wide line. A series of cubic splines were then fit to the section of

this line between two fiducial markers in the field of view. The arc length of the spline

series was calculated and converted from pixel length to true length using the factor

(50µm/256pixels = 195nm/(pixel). For an illustration of this process, see figure 2.3.

The fiducial points used to measure this length were always chosen such that the

2µm×2µm regions of interest were included between the points, so that changes in

this measurement are indicative of fibrillar strain within the high-resolution 2µm×
2µm images.

Figure 2.3: Fiducial strain is measured as the change in length of a section of the
fibril measured between two fiducial markers.
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2.6.2 Indentation modulus

Figure 2.4: Diagram depicting the typical shape of a force curve obtained through
indenting a collagen fibril. Extraction of the indentation modulus and deformation
are also demonstrated in this diagram.

When the AFM cantilever indents the sample, a force versus cantilever displace-

ment curve is captured both for the forward indentation and reverse retraction of the

tip from the sample. From the retraction portion of this force-indentation curve, an

indentation modulus is calculated by fitting the portion of the curve between 15% and

90% of the maximum applied indentation force (0.75nN and 4.5nN, for the maximum

indentation of 5nN used here) to equation 2.1 [79]. This equation is the Sneddon

indentation model for a conical indenter of half angle α displaced a distance w into a

uniform and isotropic half-space with elastic modulus E. Poisson’s ratio σ was set to

0.5 here, to be compatible with previous studies [73]. The cantilevers used here have

an approximate half angle of 18◦, with a nominal tip radius of 2nm.

F =
2E tan(α)

π(1− σ2)
w2 (2.1)

The PeakForce Quantitative Nanomechanical Mapping imaging mode captures a

256-point force-curve at each pixel of an image. Limited to a maximum resolution of

256×256, these images have the shape of a 256×256×256 data-cube before any post-

processing is applied. Indentation modulus maps are generated from the captured

force-curve image volumes by performing the curve fitting described above.



23

The indentation modulus captured using PeakForce QNM can be used as a proxy

for local molecular density, an interpretation originally made by Baldwin and cowork-

ers in their 2014 work [73]. With this in mind, the periodic contrast in modulus along

the length of the collagen fibril in figure 2.5 is representative of the D-band density

striation. Combining nanomechanical mapping with this straining method therefore

allows for the monitoring of local density changes in the fibrillar structure as a func-

tion of applied fibrillar strain.

The peak indentation force was held at a constant 5nN throughout this series of

experiments. Force curves obtained from samples with elastic modulus higher than

70MPa tended to reach this 5nN peak force after only 1-5nm indentation depth.

Using a peak force amplitude of 300nm, this indentation depth corresponds to just

2-3 force measurements before peak force is met. This low number of points to

fit equation 2.1 to leads to an inaccurate estimation of the indentation modulus.

Therefore, indentation modulus measured to be above 70MPa using this procedure

were considered untrustworthy, and as an alternative the deformation was used as a

proxy for sample stiffness.

2.6.3 Deformation

Deformation is measured as the difference in Z-piezo position between the 15% max-

imum force measurement and the peak force measurement, obtained from the re-

traction portion of the force curve. It is therefore a measurement of tip indentation

depth, combined with the deflection of the cantilever. In their pioneering study

investigating the nanomechanical properties of single collagen fibrils, Baldwin and

coworkers demonstrated that deformation measurements made using Peakforce QNM

are inversely proportional to indentation modulus [73]. This inverse relationship is

represented in figure 2.6. As discussed in section 2.6.2, these indentation modulus

measurements are over-estimated when indenting stiff samples with a low peak force.

To avoid this effect it is useful to monitor both deformation and indentation modulus,

using inverse deformation as a more reliable measure of sample stiffness in >70MPa

sample elastic modulus regime. In addition, deformation is a proxy to sample stiffness

that is not model dependent, and is obtained in real time during imaging without

any post-processing.



24

Figure 2.5: An example of how the 4:5 density contrast between the gap and overlap
regions of a collagen fibril is captured in the indentation modulus image.

However, because deformation is measured in the contact regime of the force curve,

it is quite sensitive to the error in peak force between individual curves. Sudden

changes in sample topography lead to large errors in the peak force; these lead to

edge effects which appear as sharp peaks in the deformation image.

2.6.4 Fibril height

The sample height is measured as the difference between the Z-piezo setpoint value

measured when the cantilever first engaged the sample’s surface and the setpoint

measurement at the point of interest. However, as this height measurement is made

when the tip has reached the peak force setpoint value, it is therefore a measure-

ment of the tip position after indentation rather than the position of the tip at first

sample contact prior to indentation. To obtain the latter from the former, Baldwin

and coworkers added the deformation and height images together, using the deforma-

tion measurements as pixel-by-pixel correction factors for their corresponding height
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Figure 2.6: Modulus and deformation images (a) and d)), compared to images com-
posed of their inverse pixel values (b) and c). Alignment of (modulus, inverse deforma-
tion) and (deformation, inverse modulus) images in rows allows for the comparison
and contrast between each pair of images. Note that although the inverse modu-
lus,deformation images are qualitatively similar to the deformation, modulus images
(ie. ab and cd), there are subtle differences such as a lower relative contrast in the
inverse deformation image along the collagen fibril, compared to the higher contrast
in the modulus image. The colour map for the pairs of images were chosen such that
contrast between regions in the substrate region of the image were comparable to one
another.)

measurements [73]. The sum of these two images was then plane leveled and height

measurements were obtained from the resulting image (known as the zero force height

image). However, this operation assumes not only that the cantilever deflection is

consistent throughout the image (which is only true if the peak force error remains

close to zero), but also that the substrate beneath the collagen fibril being indented

is not deformed by the cantilever. For this particular experiment however, the high
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topographic variation and elastically compliant PDMS substrate fails both assump-

tions.

As opposed to simply adding the height and deformation images to generate a

zero-force-height image, in this study the height was corrected by the relative average

deformation measured on the fibril and the substrate. h, the measured height, is

related to the undeformed (or ’true’) height h0 through the difference between fibril

deformation df and substrate deformation ds (figure 2.7). This was done using the

following process: a line-wise level was applied to the raw height image to set the

substrate height in the image to 0. Fibril height profiles were extracted from this

leveled image as lines running along the apex of the fibril. The average value of the

fibril deformation profile df was added to h and the substrate deformation ds (average

from all pixels in the image, excluding a 1µm×2µm region centered on the fibril) was

subtracted from average height plus average deformation value to obtain the average

substrate corrected zero force height value h0. All heights reported in this study are

corrected using this procedure; this average substrate corrected zero force height is

referred to simply as height for the remainder of this thesis.

Figure 2.7: Fibril height measurements are corrected by the difference in deformation
of the fibril and the deformation of the PDMS substrate. This correction is made with
the assumption that deformation measured on the apex of the fibril is entirely fibril
deformation, rather than a combination of fibril and substrate deformation.
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2.6.5 Profile Extraction

From each 2µm×2µm image, an averaged linear profile (between 1µm and 2µm in

length) was drawn along the apex of the fibril in the region of interest. With an 2µm×
2µm image resolution of 256, 7 parallel lines centered around the highest point on

the fibril were averaged to obtain a 60nm width-averaged profile. The position and

orientation of this profile was copied across the height, deformation and indentation

modulus images of the same region. A profile from each of these images was extracted

and saved, from which mean values and standard deviations were calculated. The D-

band and stiffness modulation of the collagen fibril was extracted by further applying

Fourier analysis to the modulus profile (see section 2.6.6 for details).

2.6.6 D-band length

In order to extract the average D-band length and gap-overlap stiffness contrast from

the indentation modulus profiles, any long-range variation in fibril stiffness that is not

associated with the D-band must be filtered from the profile. To do this, a high-pass

filter is applied to the profiles by subtracting a 30-pixel local average modulus from

the profile. The width of the local averaging window is equivalent to a distance of

230nm along the fibril apex, or slightly more than three D-band periods. This width

was chosen so that the filter is assured to include at least three D-band periods in the

averaging even after the fibril has been strained by as much as 15%. To determine

D-band length, the high-pass filtered profile was Fourier transformed and the peak of

the frequency spectrum between 10µm−1 and 20µm−1 (representing D-band lengths

between 50nm and 100nm) was determined using Matlab. This frequency peak was

then inverted and interpreted as average D-band length for the profile. To extract

the local variation in fibril stiffness, the root mean squared value of the D-band

modulus oscillation was recorded from the high-pass filtered profile. This value was

interpreted as the variation in fibrillar density between the gap region of the fibril’s

D-period and the overlap region, as per Baldwin’s interpretation of the indentation

modulus contrast [73]. Using this interpretation, the gap/overlap modulus ratio was

then calculated from the local modulus variation using equation 2.2.
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G/O =
〈E〉 −

√
〈(E − 〈E〉)2〉

〈E〉+
√
〈(E − 〈E〉)2〉

(2.2)

2.6.7 Statistics

Mentions of significance when comparing two distributions of data in this report refer

to the use of a 2-sample paired Student’s t-test. These tests were performed using the

ttest function in Matlab. For this test, the null hypothesis was rejected for acceptance

probabilities less than 5%. When linear regression was performed, the fit statistics

were obtained by performing an ANOVA test on the fit line paired with the data.

The linear regression and following ANOVA statistics were obtained using the fitlm

and anova functions in Matlab.



Chapter 3

Results

3.1 Overview

A total of 8 individual fibrils were strained and analyzed, all sourced from the same

Common Digital Extensor tendon. These fibrils were investigated at a biologically

relevant salt concentration (1× PBS). A maximum extension of 30% strain was ap-

plied to the PDMS strip, after which the strip would be de-strained as the motors

return to their original positions. Five of the 8 fibrils were incrementally strained to

30% and were subsequently returned to their original length. The remaining three

fibrils de-laminated from the PDMS at an intermediate strain increment before the

maximum strain could be reached, and in these cases the experiment was halted at

the strain increment where the de-lamination occurred. Each of the 8 samples had

3 images taken of adjacent regions along the middle of the fibril, for the purposes

of having a 5-6µm region from which to extract modulus, deformation and height

measurements.

3.2 Initial state of collagen fibrils

An average measurement for each of the observables described in section 2.6 was

obtained from the 24 images captured at 0% strain (8 fibrils, 3 regions of interest

per fibril), to compare to values measured at subsequent increments of strain (see

table 3.1). Average measurements for modulus and deformation compare favorably

with those made on CDE tendon collagen fibrils by Quigley et al. [23]. Furthermore,

measurements of height (209 ± 26nm), deformation (63 ± 27nm), modulus (12 ±
9MPa), Gap/overlap ratio (0.85 ± 0.04) and D-band length (67 ± 2nm) made in

this study are quite closely related to the properties of collagen fibrils obtained from

rat tail tendon, extracted by Baldwin et al. [73]. D-band length and Gap/overlap

modulus ratio measurements are consistent both between tissue types as well as with

29
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the classical Hodges-Petruska molecular packing model [17], demonstrating that the

gap-overlap modulus ratio effectively captures the density contrast between the two

regions.

Table 3.1: Initial conditions for 5 data-types: height, D-band length, deformation,
modulus and gap/overlap modulus ratio. Included with these averages is the number
of images used for each calculation; this number was less than 24 (8 samples × 3
regions per sample) because there were 8 images where the D-band could not be
measured reliably.

Data type Average ± SD Number of images
Height (nm) 213 ± 24 24
D-band length (nm) 67 ± 2 16
Deformation (nm) 63 ± 27 24
Modulus (MPa) 7.1 ± 4.4 24
Gap/overlap modulus ratio 0.85 ± 0.04 16

3.3 Collagen fibrils under tension

3.3.1 Fibril length and structure under strain

When subjected to applied strain, the majority of measured fiducial strains were

found to be less than the strain applied by the clamp motors (figure 3.1a). This

is in line with the calibration results, where the strain on the distance between like

hexagon vertices was observed to be consistently smaller than the substrate strain

by several percent (see figure 2.2). Note that not all of the individual fiducial strain-

applied strain curves are monotonic; this suggests that some fibrils experienced loss

of adhesion with the substrate, partially de-laminating from the PDMS surface and

slipping as strain was applied. In the instances where fibrils remained adhered to

the substrate for the maximum 30% applied strain and subsequent de-straining, the

fiducial length was observed to decrease when the substrate was returned to 0% strain.

However, the magnitude of this decrease was found to be inconsistent between fibrils.

This indicates that the loss of adhesion between the fibrils and the substrate was

sporadic throughout the straining process, and unique for each fibril imaged.

The D-band length was also observed to increase with applied strain. At the first

increment of applied strain (5%), the D-band was observed to strain by 4.4±6.7%

(figure 3.1b), with strain values for individual fibrils reaching more than 10%. This
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Figure 3.1: a) Fiducial strain versus applied strain for all samples prepared in this
investigation, the two colors were introduced to improve clarity. Measuring the fiducial
strain from an image of a fibril introduces a pixel size error of ±0.5 − 1%. b)
D-band strain versus applied strain averaged over all samples. The thick black bar
represents the average value, the box represents the first quartile of the set, the dotted
bars represent the range of data. The D-band was found to be significantly larger than
the unstrained values for all subsequent strain increments (paired Student’s T-test,
p≤0.05).

magnitude of D-band strain is greater by a factor of two than D-band strain mea-

surements obtained through X-ray scattering experiments [59] [42]. As was the case

with the fiducial strain (figure 3.1a), the change in D-band strain with applied strain

is inconsistent between fibrils. This variability speaks to the uncontrolled local, mi-

croscopic strain not directly following the macroscopic applied strain. Furthermore,

the D-band strain on average tends to fall short of the applied strain (9.9±12.3%

D-band strain at 30% applied strain). The magnitude of this average lag in strain is

greater than the lag observed in the PDMS calibration in figure 2.2, and is therefore

likely a product of the sporadic fibril de-lamination. Unexpectedly, all D-band strain

measured after the PDMS was returned to 0% strain were found to be positive, and

on the order of the D-band strain value measured at 30% applied strain (figure 3.1b).

This is evidence that the fibril experienced relatively uniform plastic deformation at

the molecular level.

The height of the fibrils was not significantly affected by the application of strain to

the PDMS substrate. The fibril height was found to change by less than 15% of their
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original height throughout all applications of strain. Furthermore, the changes in

height that did occur were inconsistent in direction both between fibrils and between

applied strain increments on the same fibril (figure 3.2a). However, when the PDMS

was returned to its original unstrained length, a majority of the fibrils swelled by

more than 15% of their initial height (figure 3.2b).

Figure 3.2: a) Height as a function of applied strain, averaged over all regions mea-
sured. Brackets indicate significant change in height within the same region when
comparing 0% and 30% strain with the return (paired Student’s t-test, p≤0.05). b)
Average height difference measured for each region when comparing 0% and 30%
strain with the return, only significant differences are included (paired Student’s t-
test, p≤0.05). Swelling occurs upon return in at least 80% of the measured regions in
both cases.

3.3.2 Lateral stiffening of PDMS substrate under strain

A distribution of PDMS modulus values was extracted from each image by excluding

a region containing the fibril that was 1µm-wide and as long as the fibril in the image

(see figure 3.3a for an illustration of this exclusion area). Due to the log-normal shape

of this distribution (figure 3.3b) we avoided using the arithmetic mean as an average

measure of PDMS modulus, and instead simply report the mode modulus value of

the distribution.

The applied deformation to fibrils in this study was, in cases, larger than 50µm.

Considering that the fibril height was consistently close to 200nm in all experiments,
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Figure 3.3: In this figure, a) illustrates the area of excluded pixels around the fibrils,
to be ignored when generating a b) distribution of PDMS modulus values.

this magnitude of deformation (≈30% the fibril height) exheeds the 10% limit intro-

duced by Bueckle [80]. To demonstrate that the indentation modulus of the substrate

did not affect measured fibril modulus values (due to the substrate bottom effect),

Figure 3.4a is a plot of the ratio between mode PDMS modulus and fibril average

modulus. Notice that the ratios of the PDMS/fibril modulus values for all images

are found within the range of 0.1→1 (figure 3.4b), and that the median value of this

ratio tends to decrease with applied strain. This demonstrates that the stiffness of

fibril and the PDMS both depend on strain but that the PDMS does not control the

observed fibril stiffening.

Figure 3.4: a) PDMS modulus measurement versus the respective average fibril modu-
lus measurements. The ratio of PDMS/fibril modulus, as a function of applied strain.
The thick black bar represents the median value, the box represents the first quartile
of the set, the dotted bars represent the range of data.
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Using a similar process the PDMS deformation values were extracted from each

image, and the arithmetic average of each distribution was compared to the respective

average fibril deformation value. Here, the arithmetic average was chosen to represent

the average PDMS deformation because the distribution of these values were found

to be normal in shape (not shown here), in contrast with the log-normally distributed

PDMS modulus values. Figure 3.5a demonstrates that these quantities trend linearly

when compared on a between fibrils, however by comparing the histograms of the ratio

of average PDMS deformation and average fibril deformation (γ =
deformationfibril

deformationPDMS
)

generated for each applied strain increment, we notice that the peak of the distribution

shifts to lower γ values at larger applied strain (3.5b). This further demonstrates that

mechanical measurements made on fibrils are not entirely controlled by the mechanics

of the substrate to which they are adsorbed.

The radial stiffness of a bulk elastic material has in the past been treated as

a proxy for axial stress [81]. By applying this interpretation here, the indentation

modulus can be plotted as a function of D-band strain to represent an approximate

stress-strain curve (figure 3.6). However, this treatment assumes that the material

being stretched is entirely elastic, as the previous stress history of the fibril leading

to each measurement in the stress-strain scatter-plot is not accounted for. D-band

strain measurements have demonstrated that fibrils experience irreversible D-band

lengthening at some point in the straining procedure (figure 3.1). Once this plastic

deformation has occurred, releasing tension from the fibril will not result in a pro-

portional change in the D-band length. Therefore the D-band length is not causally

related to the indentation modulus, as the relationship between the two quantities is

complicated by the stress history of the collagen fibril. This interpretation explains

some of the spread in measured modulus values with D-band strain.

3.3.3 Radial stiffness of fibrils under strain

The adsorbed fibrils were observed to stiffen when strain was applied to the substrate,

as indicated by an increase in the indentation modulus measured on the fibril between

0% and 5%, 30% strains (Figure 3.7 b and c). There is an inverse relationship

between indentation modulus and deformation as discussed in section 2.6.2, and so

the brightening of the fibril in the modulus images with strain (figure 3.7c) is paired
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Figure 3.5: a) A plot of PDMS deformation versus fibril deformation, for all images
obtained in this experiment. b) For each increment of applied strain, a horizontally-
aligned histogram presenting the distribution of fibril-PDMS deformation ratios.

with a darkening of the fibril in the deformation images (figure 3.7b). The most

significant and consistent change in fibril stiffness occurs when first increment of

strain is applied (5%), where the average indentation modulus is observed to more

than double (∼7MPa to 20MPa, figure 3.8). This change was paired with a halving

of the deformation (from 60nm to 35nm on average, figure 3.8b). However, all

subsequent applications of strain had little effect on the stiffness of fibrils with the

exception of the return to 0% from maximum strain, where all fibrils were observed to

soften from their respective measurements made at 30% applied strain (figure 3.8c,d).

Qualitatively, the D-band striation pattern became more visible in the modulus

images as strain was applied to the fibrils. This indicates that the stiffness contrast
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Figure 3.6: Profile-averaged modulus plotted as a function of D-band strain, for all
images captured from 0% to 30% applied strain. With the assumption that indentation
modulus can be taken as a proxy for applied axial stress, this plot could be interpreted
as a stress-strain curve and compared to results from Quigley et al. (figure 1.2), with
the caveat that increasing D-band measurements were not made consecutively in time.

between the gap and overlap regions becomes larger when the fibrils are extended, or

at the very least when the fibrils are held in tension. This effect can be seen by com-

paring the unstrained and 30% applied strain log(modulus) images in figures 3.7c,d.

To quantify this increase in contrast, the gap/overlap modulus ratio was calculated

in proxy with equation 2.2, where the average gap modulus is estimated with the

average profile modulus minus the root mean squared variation in the modulus, and

the overlap is taken to be the average modulus plus the root mean squared variation.

This gap/overlap ratio is observed to decrease significantly between the initial mea-

sured value and subsequent measurements at 15%, 20% and 30% applied strain (see

figure 3.9).

However as demonstrated in figure 3.1, the D-band strain does not monotonically

follow the strain applied to the PDMS by the motors. To avoid convolving the effect of
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Figure 3.7: a) Four large scale, low resolution height images of a collagen fibril at 0%,
5%, 30% strain and return, respectively; the white box represents the region in which
the high resolution image was captured. b) Four high-resolution deformation images
corresponding to the regions outlined in white in the first row. c) Four high-resolution
log-modulus images corresponding to the regions outlined in white in a). d) Profiles
extracted from the high resolution log-modulus images, corresponding to the red line
drawn at the apex of the fibril in each image. Note the increase in average modulus
with applied strain, and the drop in modulus upon return from maximum extension.
In addition the modulus fluctuation associated with the D-band increases with applied
strain, compare 0 and 30% strain.

strain on the Gap-overlap modulus ratio with the inconsistent relationship between D-

band length and applied strain, this ratio is plotted versus fibril D-band strain (figure

3.10). By comparing fibril-to-fibril changes in this way, the relationship between these
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Figure 3.8: a) Deformation as a function of applied strain, averaged over all regions.
Brackets indicate significant change in deformation within the same region when com-
paring 0% with 5% strain and when comparing 30% strain with the return (paired Stu-
dent’s t-test, p≤0.05). b) Modulus as a function of applied strain, averaged over all
regions. Brackets indicate significant change in modulus within the same region when
comparing 0% with 5% strain and when comparing 30% strain with the return (paired
Student’s t-test, p≤0.05). c) Average deformation difference measured for each region
when comparing 0% with 5% strain and when comparing 30% strain with the return,
only significant differences are included (paired Student’s t-test, p≤0.05). d) Average
modulus difference measured for each region when comparing 0% with 5% strain and
when comparing 30% strain with the return,only significant differences are included
(paired Student’s t-test, p≤0.05, as indicated by the horizontal square bracket).

two quantities becomes strikingly linear. Note that this treatment assumes that the

change in gap-overlap modulus contrast is explicitly driven by the strain in the D-

band (or that whatever is driving the D-band to increase is similarly altering the
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modulus contrast). Furthermore, this plot assumes that there is no hysteresis in the

modulus contrast with D-band strain, so that a fibril with a 5% D-band strain at

10% applied strain will have the same structural characteristics as a fibril with 5%

D-band strain at 30% applied strain.

Figure 3.9: Gap/overlap modulus ratio versus applied strain. The thick black bar rep-
resents the average value, the box represents the first quartile of the set, the dotted
bars represent the range of data. The gap/overlap modulus ratio was found to de-
crease significantly compared to the initial values for the 15%, 20% and 30% strain
increments (paired Student’s t-test, p≤0.05).

3.4 High-resolution nanomechanical mapping

In an effort to strengthen the claim that the gap and overlap regions experience dif-

ferent amounts of strain when the fibril is held in tension, a series of high-resolution

nanomechanical maps were captured on a collagen fibril at several increments of

applied strain. Following the sample preparation procedure outlined in section 2.2

collagen fibrils were dissected from a common digital extensor tendon, and were ad-

sorbed to a PDMS film before being dried overnight. Note that the common digital

extensor tendon used in the preparation of this sample was a separate specimen from
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Figure 3.10: Gap/overlap modulus ratio versus D-band strain. Each red data point
represents the 3-region average values of gap/overlap and D-band strain. The open
black circle with error bars represents the average value and standard deviation for the
G/O before strain is applied. The linear fit was calculated by excluding the unstrained
values and was found to be significant with R2 = 0.54 and a p value of p= 2.15×10−5.

the one used in the report, however the tissue was sourced from the same local slaugh-

terhouse (Oulton farm, Nova Scotia, Canada) as before. The incremental straining

experiment was repeated using the same protocol used in section 2.5.2, however the

resolution of the nanomechanical maps was increased to ∼2nm/pixel, by capturing

500nm × 500nm images at 256 pixels/side . In addition, for the purposes of reducing

the pressure applied by the tip to the sample when scanning at such high resolution,

the peak force setpoint was reduced to 1nN, but otherwise all other parameters of

the scan were kept to values outlined in the manuscript (a tip velocity of 1.2mm/s,

a peak force frequency of 1kHz, a peak force amplitude of 300nm, and a scan rate of

0.5Hz).

Four high-resolution nanomechanical maps were acquired, one each at 0, 5, 10

and 15% applied strains (figure 3.11). Profiles were drawn along the apex of the

fibril, using a similar procedure to what was used in the 2µm× 2µm images, with
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Figure 3.11: 500nm×500nm nanomechanical maps of a collagen fibril at 0,5,10 and
15% applied strain (a,b,c,d respectively). The solid blue line represents the profile
that was drawn along the apex of the fibril, and the dotted lines represent the extent
of adjacent lines that were averaged in the extracted profile.

the exception that 99 adjacent lines were average over here rather than the 7 used

before. Similar to what has been observed in previous experiments, the D-band strain

did not follow the substrate strain. The range of modulus values between the gap

and overlap, normalized by the average modulus value of the extracted profile, was

found to increase from the 0% image to the 30% image. This is in agreement with the

observed decrease in gap/overlap ration with D-band strain presented earlier (figure

3.10). In addition, the finer features in the overlap region were noticed to evolve in

character as a function of strain (figure 3.11 a → b,c; there is an increased contrast

in stiffness between the two thin ’bands’ making up the overlap). An interpretation

of these results is presented in the discussion section.



Chapter 4

Discussion

4.1 The relative merits of past and present Methodologies

As stated in the introduction section, the collagen fibril straining method introduced

in this thesis is a successor to an experiment originally performed by Wenger et al.

([75]). In their experiment, dehydrated collagen fibrils adsorbed to a polymer film

were subjected to 50% applied strain, after which the sample was left overnight to

allow the substrate to creep and dry before imaging. Topographs of the fibrils were

obtained using an AFM operating in tapping mode. Their goal was to quantify the

difference in Poisson ratio between the gap and overlap regions of collagen fibrils by

measuring the change in relative height between the two regions before and after

strain was applied. This relative height (what they refer to as the D-banding height)

was found to decrease linearly with D-band strain, thus demonstrating that there is

a mechanical contrast between the two regions.

However, this approach to investigating the mechanical variation along the length

of a collagen fibril has several disadvantages to the method outlined in this thesis

(hereon referred to as the hydrated QNM straining, or the current method). Firstly,

in order to capture the D-band height variation along the fibrils, the imaging was

done in air using a contact AFM imaging mode. Not only is the dry fibril system not

as biologically relevant as the hydrated system, the process of drying the fibril post-

strain introduces structural changes to the fibril and its constituent triple-helixes,

complicating the interpretation of morphological changes with strain [36]. Secondly

the hydrated QNM straining method measures directly mechanical changes at the

D-band level of the fibril with strain, whereas the technique introduced by Wenger

measures only structural changes, and uses these as proxy to the mechanical dif-

ferences between the gap and overlap regions. Although the method performed by

Wenger and coworkers has the advantage of measuring structural changes of many

42
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fibril in parallel on the same strained sample, the current method provides the capa-

bility of recognizing changes within the same 6µm length of fibril at many increments

of applied strain. In doing so, local mechanical information is obtained on individual

fibrils as a function of strain.

A disadvantage of the hydrated QNM straining procedure is the time required

to investigate the mechanical properties of a single fibril as a function of strain.

In order to achieve the high spacial resolution required to resolve the D-banding

striation (<10nm/pixel), the nanomechanical maps were limited to be 2µm in size

(because images captured using the Peakforce QNM imaging mode have a maximum

resolution of 256 × 256). Therefore, investigating just a 6µm length of fibril at 7

increments of applied strain requires 21 images, each image requiring ∼9 minutes to

capture using the imaging parameters outlined in the materials and methods section.

Combined with the time required to find the fibril in the optical microscope after

every increment of strain, to capture a large-scale topograph, to strain the fibril and

to exchange the PBS imaging medium, strain data for a single fibril requires a full

day of imaging. There is therefore a significant contrast in throughput between the

current method and the straining method introduced by Wenger. In addition, the

current method requires the investigator to removing and reattaching the glass clamp

several times during the experiment, as well as exchange the PBS solution between

strain increments. This extra sample contact-time adds to the delicate nature of the

experiment, as well as the complexity of interpreting the results obtained using this

method.

Quigley and coworkers were the first to demonstrate a change of stiffness and di-

ameter of single collagen fibrils, using their bowstring stretching methodology [23].

This method has the advantage of allowing both the applied stress and the post-

strain radial modulus to be measured on the same fibril. However, because an AFM

cantilever is used to control the strain applied to the fibril, measuring the radial mod-

ulus as a function of applied strain is impossible. Furthermore, this method inherits

the same problems with strain localization (at the glue-points and cantilever contact

point) that were experienced by van der Rijt et al. in their nanofishing experiment

[61]. This localization of stress affects the uncertainty in true stress applied to the

fibril during extension, however it does not affect the local mechanical/structural
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changes induced in sections of the fibril far from the glue/cantilever contact points.

By adsorbing the entire fibril to the PDMS, stress localization at any one axial po-

sition along the collagen fibril ceases to be an issue for the hydrated QNM straining

method. However, relying on the transmission of strain from the PDMS to the fibril

reduces the amount of control this method has over either stress or strain applied

to the fibril. In addition, the time required to strain the PDMS, re-attach the glass

clamp and re-engage the AFM cantilever makes capturing the strain-relaxation be-

haviour of the collagen fibril impossible, considering that the fibril relaxation time

has been estimated to be on the order of 1-2 minutes [82]. What the hydrated strain-

ing method lacks in mechanical control over the fibril, it gains by maintaining the

stability of the fibril’s strained state for subsequent imaging.

There are several ways in which the hydrated straining method could be improved.

Firstly, the PDMS could be treated to increase the strength of the fibril’s adhesion

to the film surface (such as with a rotating plasma jet [83] or patterning the film’s

surface with micro-channels [84]). This treatment would reduce the risk of fibril de-

lamination during the application of applied strain, and would likely improve the

linearity of the applied strain/D-band strain relationship. Alternatively, individual

fibrils could be glued at both ends to the PDMS surface using a micro-manipulator

coated in epoxy [23], which would assure fibril adhesion to the surface with the draw-

back of introducing sites of stress-localization at the glue points. To better match the

PDMS modulus to the fibril modulus (and thereby improve uniform straining on the

PDMS surface near the fibril), PDMS films could be manufactured in-house with an

extended curing time/increased curing temperature to increase the film stiffness [85].

Increasing the stiffness of the PDMS would also decrease the oscillations excited in

the suspended film when engaged by an AFM with no glass support, thus removing

the requirement for a cover slip held beneath the sample while capturing images.

This simple change to the experimental procedure would decrease the time between

applied strain increments and decrease the amount of contact that the investigator

has to make with the sample.
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4.2 Strain-induced structural changes

One of the common methods used to measure the mechanical response of fibrils under

strain is through X-ray scattering performed on strained tissue [57] [58] [59] [60] [86];

this technique was pioneered by Mosler et al. [87], and experiments based on their

methodology have been performed as recently as 2 years ago [42]. Scattering intensity

profiles obtained from Small Angle X-ray Scattering (SAXS) measurements contain

information pertaining to periodic structures within the tissue [57]. These profiles can

be obtained in real time during the tissue-level tensile test (>1 profile/second) and,

by fitting the scattering results in reciprocal space to a real-space scattering model,

provide a movie of how the fibrillar structure changes with applied load. A consistent

observation made in these scattering experiments is a substantial decrease in strained

fibril diameter, coupled with an increase in D-band length. This gives the impression

of a large fibrillar Poisson ratio, which is surprisingly not evident from the experiments

performed in the current study (figure 3.2). This discrepancy in observation is likely

a product of the differences in methodology between the two studies; adsorbing the

collagen fibrils to the surface of a deformable substrate likely affects the capability

of the fibrils to contract laterally when subjected to axial straining. If the fibril

remains perfectly adsorbed to the substrate throughout the straining process, then

the contraction of the adsorbed surface of the fibril will be dictated by a combination

of the mechanical properties of both the bulk PDMS and that of the PDMS-fibril

interface.

An observation that is consistent between various X-ray scattering studies is that

the actual D-band strain measured from the scattering profiles are consistently smaller

than the applied tissue-level strain. This is seen in the current study as a lag between

applied strain and fiducial strain, as well as between applied strain and D-band strain.

The strain applied to the PDMS film was found to exceed the measured fiducial and D-

band strains at most strain increments, for a majority of the samples prepared (figures

3.1). Few D-band strain measurements exceeded 20%, and only one measurement

was greater than 30% (the 10% applied strain measurement from the high-resolution

trial, see section 4.5). Clearly the D-band strain does not follow the applied strain

monotonically; this is likely due to slippage occurring between the substrate and the

fibril. Although the mechanism by which the strain-lag in the PDMS-fibril system
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is by no means the same mechanism controlling the tissue-fibril strain lag, it is clear

in both systems that inhomogenous microscopic strain follows applied macroscopic

strain.

In a SAXS-based tissue-level experiment performed by Wells et al., strain applied

to a section of bovine pericardium resulted in an observed increase in D-band length,

which was paired with a decrease in fibril diameter [58]. The D-band length was de-

termined from the 9th-order diffraction peak of the integrated intensity plots, and the

average fibril diameter was measured by fitting the SAXS intensity plot obtained at

an angle perpendicular to the average fibrillar long axis to a model based on a cylin-

drical form-factor. However, in this study the largest average D-band strain obtained

from tissue straining was ∼4.5%, with a corresponding change in fibrillar diameter

on the order of ∼10%. A change in fibril height is observed in the current study that

has a range of 10-15% the unstrained value. However as discussed previously in this

section, this height change is inconsistent not only between fibrils, but also between

strain increments and does not occur in exclusively one direction. The difference in

approach here is that in the current study, height is measured directly as the dif-

ference in height between the fibril apex and the substrate, and is corrected by the

average deformation made both to the fibril and to the PDMS. Wells et al.’s method

has the advantage that measurements of fibril diameter are not convolved with the

changes in substrate roughness with strain or by changes in the fibril’s adhesion to

the substrate, both of which likely affect the change in fibril diameter when strain

is applied. In addition, the X-ray scattering method provides a multi-million fibril

average measurement of diameter, whereas the current method is restricted to an av-

erage measurement over a ∼6µm length on a single fibril. As for the D-band strain,

I observe values in excess of 3× the values obtained by Wells et al. for individual fib-

rils, although the average strain over all fibrils tested in this study remains close to 5%.

4.3 Post-strain morphological changes

In the last decade, there has been a progressing development in methods used to

strain and subsequently evaluate the structural properties of individual fibrils. In

their single-fibril bowstring stretching study, Quigley et al. pre-conditioned their
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fibrils by strain-cycling them once by 3-4% before performing further tensile tests

[23]. They noticed a significant swelling of the pre-conditioned fibrils by more than

30% of their original height on average (figure 4.1, first row). Similarly in the current

study a majority of the fibrils were observed to swell when the PDMS is returned

from 30% applied strain, although the magnitude of the post-strain swelling observed

here was half that of the observations from Quigley et al. ( 15-17% on average). To

compare the results from the current study to those obtained by Quigley, the change

in height before and after fibril straining is compared to the maximum strain achieved

by the fibril in extension. We find that only 6 images of all those taken in this study

contained fibrils that were successfully strained to 30% and had a corresponding D-

band measurement at 30% applied strain. From these data, the average swelling ratio

(Heightreturn/Heightinitial) was 1.18 ± 0.12 (n = 6), with an average D-band strain

of 9.9 ± 8.0% (n = 6). The height ratio here is above 1 in all cases, and the most

substantial swelling (swelling ratio ≈ 1.4) was achieved at a D-band strain of ∼10%.

Figure 4.1: Height and indentation modulus vs. maximum strain achieved during
tensile testing for each fibril segment in Quigley et al.’s bowstring stretching study.
The first datapoint above 0% strain are the pre-strain only measurements. The two
panels at the far right are plots of normalized fibril height and modulus (analogous
to swelling and stiffening ratios described here, respectively) versus maximum fibrillar
strain obtained via tensile testing, for all fibrils tested in this study. Figure reprinted
from [23], figure 3

For Quigley et al., all fibrils were found to swell between their unstrained state

and their state after pre-conditioning, however only a subset of the preconditioned

segments underwent further swelling at subsequent applications of strain (figure 4.1).
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In addition, fibrillar swelling after pre-contioning was paired in all cases with a ra-

dial softening of the fibril. To compare to these findings, the average stiffening ra-

tio (Modulusreturn/Modulusinitial) was calculated from all images where the D-band

strain could be measured at 30% applied strain and found to be 0.75 ± 0.44 (n =

6). This, paired with the observed average D-band strain of 9.9 ± 8.0 at 30% ap-

plied strain demonstrates that the most likely response of a fibril that experiences

D-band strain is to soften upon return. This agrees well with the previously stated

observations made by Quigley et al. (figure 4.1) [23]. Note that the low number of

data points in these average ratio calculations is in part due to the low number of

samples that were successfully strained to 30% and returned, and also in part due to

the limited number of images where the D-band frequency signal could be reliably

measured from the profiles.

Figure 4.2: Ratio of height measured on return to height measured before strain ap-
plication, versus the ratio of modulus measured on return to modulus measured before
strain application. i) Nanomechanical map of fibril returned from maximum exten-
sion, corresponding to the lowest final/initial modulus ratio (blue filled point). ii)
Nanomechanical map of fibril returned from maximum extension, corresponding to
the highest final/initial modulus ratio (red filled point).

The previously mentioned average stiffening/swelling ratios were calculated us-

ing only modulus/height ratios that had corresponding D-band strain measurement

at 30% applied strain. This was done for a more direct comparison to Quigley

et al.’s results, since in their study they were able to measure fibrillar strain and
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swelling/stiffening ratios for all strained fibril sections. By removing the requirement

that the D-band strain was measurable at 30% applied strain, a larger number of

stiffening and swelling ratios can be reported from the current study (going from n=6

to n=14 measurements for each quantity). Interestingly, the swelling ratio appears

to be negatively proportional to the stiffening ratio when the two are plotted against

each other (figure 4.2), where the largest swelling occurred for fibrils that also soft-

ened after being strain-cycled. This downward trend is consistent with Quigley et

al.’s suggestion that the uptake of water into the fibrillar structure (swelling) has

the effect of softening the fibril substantially [23]. More surprisingly, a large number

of fibrils were found with a stiffening ratio greater than 1 and a swelling ratio close

to 1 (between 0.9 and 1.2), which were previously omitted from the stiffening ratio

average (for their lack of D-band strain measurement). This suggests that there is

a population of fibrils that have low radial stiffness contrast which respond to being

strain-cycled by stiffening, while maintaining a similar diameter to what they had

before strain was applied. The observation that a majority of fibrils (n = 9 out of 14

total) stiffened after straining is inconsistent with Quigley et al.’s observations; this

is likely due to the difference in strain application methodologies between the two

studies.

In addition to swelling, fibrils that were strained to 30% and returned to 0% applied

strain all experience what appears to be compression buckling (figure 4.3). Compres-

sion buckling occurs only if the fibril was in a relaxed state when the PDMS was at

30% strain, so that when the PDMS is released from stress the fibril becomes stressed

again, now in compression. There are two ways in which the fibrillar structure could

relax while lying on a stressed PDMS substrate: Firstly, if the fibril has extended

plastically as a result of applied strain; secondly, if the fibril has slipped from its

original position on the PDMS at some point throughout the extension experiment,

keeping its original (or close to original) length as the substrate is strained.

The shape of these buckles varies widely from fibril to fibril, however here I will

introduce the two more common morphologies observed on return. The first behavior

is what I will refer to as shear dislocation, a buckling morphology that is observed in

hollow cylindrical rods (such as straws and carbon nanotubes [88]) where a section of
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Figure 4.3: Four examples of localized fibril buckling, occurring upon return to zero
strain from maximum applied strain. The morphology of this buckling varies both
between fibrils as well as between regions on the same fibril.

the rod displaces laterally at a point along its axis with the region between the two

dislocated sections experiencing plastic damage. Figure 4.3b in particular demon-

strates fibrillar buckling that resembles shear dislocation. In figure 4.3a and c, the

fibrils appear not to have developed a simple point dislocation, but rather have un-

dergone a complete twist around their axis and folded over themselves at the buckling

site. This second behavior I refer to as end-overs ; a buckling morphology reminiscent

of torsional instability in compressed twisted ropes [89]. These observations further
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support the notion that fibrils are intrinsically twisted structures, with compression

buckling morphology similar to that experienced by macroscopic wire cables [90].

Figure 4.4: A histogram of the length measured between adjacent buckling sites, on
fibrils that were strained to 30% applied strain and returned to 0% applied strain. All
buckle-to-buckle distances were measured from the low-resolution 50µm images, with
an estimated uncertainty of 0.1µm for each measurement.

In addition to having relatively consistent morphology between fibrils, the buckling

occurred with a regular period of 2µm (see figure 4.4), with a range in individual

measurements between 1 and 4µm. This suggests either that magnitude of fibril

compression is consistent throughout the extension experiments, or that there exists

periodic mechanical weak points along the fibril with a length-scale on the order of

1-4µms.

4.4 The average indentation modulus as a readout of fibril tension

The indentation modulus of the fibrils is observed to effectively double after the first

5% increment of strain is applied to the PDMS substrate (figure 3.8b,d). However

after this first increment of strain, no significant change in indentation modulus oc-

curs for any subsequent application of strain. This behaviour is consistent with the

idea that the molecules within the fibrillar structure are being tauted in this first

strain increment, and that any subsequent application of strain is simply working to
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maintain this molecular tension [91] [35] [92]. Keeping with this interpretation, the

increase in D-band length with applied strain occurs while the molecules composing

the collagen fibril remain taut and under tension. However the lack of a significant

trend between the D-band length and the modulus demonstrates that whatever mech-

anism is driving the D-band strain to increase is separate from the mechanism that

causes an increase in indentation modulus. If molecular tauting is truly responsible

for the increase in fibril stiffness, then the indentation modulus would be expected

to return to the original unstrained value when the fibril is returned from extension

(ie, the molecular tension causing the tauting is removed). This is observed as fib-

rillar softening on return, with the indentation modulus decreasing from maximum

extension (30%) to return (figure 3.8d). At the same time, the D-band is observed to

remain significantly longer than the measurements made before applying strain. This

observation is further evidence that some other deformation mechanism is contribut-

ing to D-band strain, so the tauting of molecules within the structure is not solely

responsible for this lengthening.

Analysis of the fibrillar modulus has never been performed as a function of strain, so

no direct literature comparison can be made to the measurements made in this study.

However, the indentation modulus of isoprene rubber has been measured as a func-

tion of applied strain, with the classically expected result that increased extension of

the rubber leads to an increase in measured indentation modulus [81]. This is due

to strain reducing the entropic lateral motion of polymer chains in the bulk material,

making the rubber more energetically-costly to extend with lateral indentation. A

similar observation is made in the current study; a majority of the fibrils increase

in modulus with the first increment of applied strain, however for all subsequent

strain increments the change in indentation modulus becomes inconsistent between

both separate fibrils and between regions on the same fibril. This demonstrates that

collagen fibrils behave similarly to a much more extensible bulk rubber for applied

strains less than ∼5%, but that another (plastic) deformation mechanism takes over

the structural evolution of the fibril beyond this point.

Baldwin et al., in their pioneering work on nanomechanical measurements made on

hydrated collagen fibrils [73], recognized that the modulus ratio of the gap and overlap

regions of the fibril was, within statistical uncertainty, the same as the theoretical
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density ratio proposed in the Hodges-Petruska molecular stacking model [17]. In

addition to repeating this observation for unstrained fibrils on PDMS, we also observe

a significant decrease of this ratio with fibrillar strain. Thus far, there have been

no claims for how the mechanical contrast (or molecular density, as the mechanical

contrast is a proxy for) should change with fibrillar strain. Therefore this observation

is a novel one in the collagen fibril literature. These observations are discussed in

further detail in the next section 4.5.

4.5 Collagen fibrils have an axially inhomogeneous response to applied

tension

Figure 4.5: An illustration of the increase in gap/overlap modulus contrast with D-
band strain.

The gap/overlap modulus ratio of the collagen fibril has been observed to decrease

with both fiducial strain and D-band strain (Figures 3.9 and 3.10). The gap region

of the D-band appears about 15% less stiff under indentation than the overlap region

in a fibril’s unstrained state (Figure 3.10); this contrast nearly doubles to 25% when

the D-band is extended by 20% of its original length (illustrated in figure 4.5). Us-

ing Baldwin et al.’s interpretation that the indentation modulus is proportional to

molecular density, an increase in regional contrast speaks to a reorganization of the

fibrillar structure at the D-band level, and therefore the molecular level [73]. This

reorganization likely occurs through a combination of plastic and elastic mechanisms

as the D-band is observed to both increase and subsequently decrease at later strain
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increments (figure 4.6b), as well as remain at a strained D-band length even when

the PDMS is returned to its unstrained length after extension (figure 4.6a).

One hypothetical model for how this structural change occurs with strain is that

molecules in the gap region experience a larger magnitude of strain than those in the

overlap. By increasing the length of the gap region with respect to the overlap and

maintaining the lateral dimensions of both regions, the gap region becomes sparser

than the overlap with strain. This is in agreement with SAXS-based studies, which

consistently observe that the gap experiences more strain than the overlap when tis-

sue is extended [35] [92].

Figure 4.6: a) A scatter-plot of D-band strain values, as a function of applied strain.
b) A scatter-plot of the changes in D-band strain values between increments of applied
strain. Notice that in the first two applications of strain (0 → 5% and 5 → 10%), the
D-band is more likely to increase, however for all subsequent applications of strain the
D-band is no more likely to increase than it is to decrease with applied strain.
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It is likely that the differential stiffening of the gap and overlap regions is a prod-

uct of a change in relative hydration between the two regions. Rarefaction of collagen

within the gap region may cause a net influx of water, now capable of filling the

gaps between the taut molecules. This would happen to a lesser degree (or not at

all) within the overlap region; the difference in water influx would further contrast

the mechanics of the two regions. Interestingly, the increase in regional modulus

contrast is not associated with an increase in average fibrillar modulus (figure 3.6),

demonstrating that these two observables are likely controlled by distinct deformation

mechanisms.

Results from the high-resolution nanomechanical mapping experiment illustrate in

detail the axially- inhomogenous response of the fibril to strain. The goal of this

experiment was to confirm that the gap region extends proportionally more than the

overlap region. However, the finer features in what was initially referred to as the

overlap region were noticed to evolve in character as a function of strain (figure 4.7a,b;

there is an increased contrast in stiffness between the two thin ’bands’ making up the

initial overlap region). This evolution in structure makes it difficult to definitively

pick out the start and end points of the gap and overlap regions, and so the absolute

length of the gap and overlap regions became impossible to measure objectively. As

an alternative to using subjective features of the D-band striation pattern to measure

the gap and overlap lengths, a horizontal line was plotted through the modulus profile

average, and the area between the regions above and below this line were compared

before and after strain (figure 4.7c,d). Using this approach, the proportional differ-

ence in length of the gap and overlap regions (i.e., the relative areas above and below

the average line) can be seen to change when the fibril is strained. Without repeat-

ing this experiment several more times for many increments of applied strain, these

images will remain the limit of detail in this discussion of how the fibrillar structure

evolves with strain.
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Figure 4.7: 500nm×500nm nanomechanical maps of a collagen fibril a) unstrained and
b) in a strained state (10% applied strain). c) and d) are 99-line averaged profiles
drawn along the apex of the fibril in it’s unstrained and strained states, respectively.
To demonstrate that the gap and overlap regions are changing in length a line was
plotted through the average modulus value of each profile, and the area between the
average-normalized profile and the straight line running through the average was filled.

In addition to an increase in the contrast in modulus mentioned in the results

section, these high-resolution images suggest a modulus contrasting develops between

sections of the overlap region within a D-band repeat. These periodic features of

finer detail have been observed in cryo-EM images (see figure 4.7c) [93], and are

attributed to an increased molecular density due to the axially contracted telopeptide

domains of the collage molecule’s N- and C-termini. The presence of these bands in

the nanomechanical maps obtained in the current study once again demonstrates

that indentation modulus can be used as an effective proxy to molecular density.

Interestingly, the collagen molecule C- and N- termini are also suggested in previous

works to be sites of inter-molecular covalent cross-linking within the fibrillar structure

[93]. If this change in mechanical contrast is taken to represent a change in molecular

density, then these results demonstrate that the telopeptide domains of the collagen
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molecule’s termini are being extended by differing amounts when strain is applied to

the fibril. Alternatively, if changes in indentation modulus are interpreted as changes

in molecular tension, then the increase in modulus contrast between the edge-regions

of the overlap is evidence that the termini are being subjected to different magnitudes

of tension when the fibrillar structure is tensed. However, due to the preliminary

nature of these few results, a future investigation will be required to make a more

definitive statement of how the sub-D-band structure is changing with applied strain.

4.6 Molecular unfolding and sliding within the gap region

Considering that common digital extensor tendon fibrils have been observed to me-

chanically yield in extension at ∼5-10% strain in a previous tensile studies [29], it is

conceivable that D-band strains that exceed 5% in the present study represent the

development of fibrillar plastic damage. Plastic damage would explain the remnants

of D-band strain and gap-overlap modulus ratio decrease after the fibril has been

maximally strained and returned; particularly, the irreversible change in mechanical

contrast speaks to a re-distribution of material between sections of the fibril. A likely

mechanism by which this re-distribution occurs is the sliding of adjacent molecules

within the fibrillar structure, as has been suggested to occur at ∼15% fibrillar strain

in Depalle et al.’s 2016 molecular dynamics simulation [76]. The strain rate in this

MD study was however 10 orders of magnitude higher than the strain rate used in

the current study, and so the molecular sliding likely occurs at fibrillar strains lower

than 15% in reality.

There is also evidence that the molecules themselves are accumulating damage or

conformational changes, in the observation that the fibril swells significantly when

the fibril is returned from maximum extension. Zitnay et al’s steered molecular

dynamics simulations demonstrate that uncoiling a collagen triple helix (such as the

plastic damage achieved through strain) increases its capacity to form bonds with

water molecules [94]. These two likely deformation mechanisms combined alter the

structure and therefore the functionality of the collagen fibril, both as a microscopic

strain mediator and it’s capacity to bind with ligands in tissue.



Chapter 5

Conclusion

5.1 Summary of results

There are four major conclusions that can be drawn from the this study. Firstly, in

agreement with previous collagen straining experiments [75] [42] [58] [59], the length

of the collagen fibril D-band increases with strain applied to the fibril. Observations

made after one full extensive strain-cycle suggest that at least a portion of this D-

band strain is irreversible, so therefore the act of straining a fibril D-band by 5-20%

permanently alters the fibril structure. Secondly, the radial stiffness of collagen fibrils

increases with applied axial strain. This demonstrates that molecules within the

fibrillar structure become taut when the fibril is pulled, which is evident by the

reversal of the radial stiffening when tension is released from the fibril. Thirdly and

unexpectedly, this radial strain-stiffening of the collagen fibril is inhomogeneous along

the length of the fibril; molecular tautening is concentrated in the gap region where

the molecular density is low with respect to the overlap region. Fourthly, we find

that this change in stiffness contrast is dependent on the magnitude of D-band strain

applied to the fibril, so just as the D-band strain is partially irreversible, so too is

the structural change associated with the increase in indentation modulus contrast.

Lastly, there is an inhomogenous distribution of stress within the overlap region of the

D-band. The high-resolution images obtained of a fibril under tension demonstrate

that the peaks in indentation modulus associated with the C- and N- termini of the

collagen monomers become more contrasted as a function of D-band strain. Coupled

with the suggestion from the literature that these features are the sites of enzymatic

cross-linking between adjacent molecules in the fibrillar structure suggest that the

two regions are unequally loaded.

58
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5.2 Significance

The current work set out to capture changes in collagen fibril structure as a func-

tion of applied strain. Not only was this goal achieved in the observed increase in

D-band length and post-strain swelling, but also observed were two distinct mech-

anisms for structural reorganization that affect the indentation modulus: (1) global

fibrillar stiffening through molecular tension and tautening, and (2) changes in local

density contrast through inhomogeneous axial strain. This is the first study to di-

rectly observe structural-mechanical changes in collagen fibrils as a function of strain,

and furthermore the first to demonstrate that changes in the mechanical properties

of collagen fibrils with strain are region-specific and vary along the fibril axis.

5.3 Response to initial research questions

In the introductory section, two research questions were asked in anticipation of be-

ing answered by results obtained from the experiments performed in this thesis. The

following are responses to these questions, based on my observations:

1.Can this (D-band) strain inhomogeneity be observed directly by imaging individ-

ual fibrils at several increments of applied strain?

While the gap and overlap lengths were not measured separately, the increase in

D-band length coupled with a mechanical contrast between the two regions suggests

that the unequal straining observed by Gautieri et al [42]. using SAXS also occurs

on an individual fibril basis. Therefore the answer to this question is a qualitative

’yes’ based on a simple molecular tautening argument, which could likely be made

quantitative by performing additional high-resolution imaging experiments to more

accurately measure the gap and overlap lengths as a function of strain.

2.Is the D-band length measurable beyond 5% strain? If so, does the fibril struc-

ture deform irreversibly or fail beyond 10% D-band strain?

The answer to the first components of this question is ’yes’; the D-band is clearly
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measurable after 5% strain (in fact, with greater contrast in the modulus images when

the D-band is extended). This demonstrates that the loss of signal in SAXS-based

D-band strain measurements beyond this threshold is a method-specific problem and

does not indicate a strain-drive transition in fibril structure. As for the second com-

ponent of this question, while there is certainly evidence for plastic deformation in

strained fibrils (present in the irreversible increase in gap-overlap stiffness contrast

and the post-strain swelling), there is no obvious mode of deformation that can be

observed from the images taken in these experiments, nor is it likely that this mode

is consistent for all fibrils strained in this study. This is partially due to the lack of

stress/strain control using the hydrated QNM method, but also likely due to intrinsic

mechanical differences between the fibrils in this experiment; one of the most striking

observations made in this study was the wide range in stiffness and strain response

between fibrils extracted from the same tissue model.

5.4 Next steps

The observations made in this study have provoked a series of interesting questions,

which could be followed up with many individual experiments. Here are a few exam-

ples of where this investigation could go in the future:

1. Investigate the binding properties of several biologically relevant ligands (such

as Integrin, Decorin, MMP, fibronectin, etc.) by performing nanomechanical map-

ping using an AFM cantilever functionalized with the respective ligand. This could

be initially for collagen fibrils lying on glass with no applied tension, and eventually

on PDMS with several increments of applied strain. As an example of this function-

ionalization procedure could be done by preparing a 0.1 g/L fibronectin solution and

pipetting the mixture into a 1mL micropipette tip. Using a hydraulic micromanipu-

lator with the micropipette positioned in an alligator clamp, the solution at the end

of the pipette tip could be maneuvered into contact with an AFM cantilever. Once in

contact, the solution-cantilever setup should be left to rest for 5 minutes (to guarantee

adhesion of suspended fibronectin to the cantilever tip), after which the tip should be

removed slowly from the pipette and left to air dry for at least 5 minutes. After this
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process has been performed, the tip should be coated with a thin (likely less than

50nm thick) layer of fibronectin. This functionalized cantilever can then be used to

image collagen fibrils adsorbed to PDMS, using the point-and shoot capabilities of a

Nanoscope Catalyst AFM to indent only on the collagen fibril in the field of view of

a high-resolution micrograph (reducing the number of indentations the tip makes on

the PDMS substrate).

2. Repeating high-resolution nanomechanical mapping experiment for several fib-

rils, to confirm that the increase in mechanical contrast between the stiff features

in the overlap region is consistent through many strain experiments. This could be

paired with a molecular dynamics study which incorporates C- and N- terminus cross

linking, to relate molecular density/tension with observations made in the nanome-

chanical mapping experiment.

3. Stick-slipping and/or total de-lamination from the PDMS substrate occurred for

most of the fibrils studied in this experiment. The procedure outlined in this thesis

could be slightly altered by gluing the ends of the fibril of interest down to the PDMS

substrate with epoxy using a hydraulic micromanipulator for epoxy application, and

performing all nanomechanical mapping in a region between the two glue points. This

experiment would be a hybrid of the current method and the tensile testing method

performed by Quigley et al. [23]; the glue would make the fibril slipping from the

PDMS far less likely, and the glue points would act as fiducial markers to be used to

measure true fibril strain.

4. One characteristic that differentiates fibrils form different tissue types is the den-

sity and type of cross linking within the fibril structure. The experiment could be

repeated for fibrils extracted from various tissue types (such as from bovine flexor

tendon, rat-tail tendon or human achilles tendon), to determine whether the fibril’s

structural response to tension is model-specific. In addition to in-vivo model compar-

isons, a similar experiment could be performed on collagen fibrils assembled in-vitro

in the absence of lysyl oxydase. This would provide a minimal-cross-link control for

the experimental result for each fibril model tested. Preparation of these in-vitro
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samples could be done by diluting 200µL of 1g/L rat tail collagen-hydrochloric acid

solution with 700µL of deionized water and 100 µL 10× phosphate buffered saline and

letting the solution rest in a 30◦C water bath for 3 hours. After this time, the colla-

gen triple-helices suspended in the aqueous solution will have formed thin (10-30nm)

fibrils which can be adsorbed to a sheet of PDMS or glass by depositing droplets of

this solution onto the substrate and following the standard drying procedure outlined

for extensor tendon fibril samples in this thesis.

5. In the current study, fibrils were observed to develop compression buckles at local

sites along the fibril. This interesting morphological behaviour could be investigated

in greater detail by performing hydrated compression tests in place of extension tests;

adsorb collagen fibrils to a PDMS film that is pre-strained by the motorized stage,

and release the tension in the substrate to effectively compress the fibrils. Multiple

compression-extension cycles could be performed to determine whether these buckled

sites nucleate fibrillar plastic damage at subsequent strain cycles.

6. Collagen fibrils are known to behave viscoelasically, where the elastic modulus

in extension is dependent on extension speed. All substrate straining performed in

the current study was done at a constant rate of 50µm/s (equivalent to ∼0.2%/s for

the extension stage used here). A subsequent study could be performed in which

this extension speed is varied (for instance, from 5µm/s to 500µm/s, for two full or-

ders of magnitude of range), to qualify the strain-rate dependence of fibril mechanics.

Using an AFM system imaging with a sufficiently high frame rate, the changes in

fibril structure could be measured in real-time as strain is applied to the system. To

minimize the effect of sample drift during imaging, the capture speed of the AFM

should be such that the drift in distance over the capture time is much less than the

dimensions of the image; furthermore, because the substrate would not be supported

by a glass cover slide during imaging, effort would have to be made to suppress the

excited oscillations of the PDMS film during imaging.
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Appendix A

Additional Figures

Figure A.1: The stage-extension on which two motors were attached to strain a PDMS
strip with adsorbed collagen fibrils. A 2cm-diameter hole, drilled perpendicular to
the direction motor travel, allows for a long working-distance microscope objective to
observe the strained PDMS from the bottom-up.

Figure A.2: A clamp installed on each of the two motors, used to hold each end of
the PDMS strip. The side-clamp used to hold the glass slide beneath the PDMS strip
is fixed to the wide section of this clamp.
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Figure A.3: n
A pair of stilts used to displace the AFM header vertically by 3.25cm, to make room

for the motorized clamps holding the sample. These pieces were necessary for the
cantilever to engage the sample, due to the limited working distance of the header.

Figure A.4: A side-clamp used to support a glass microscope cover-slip placed under-
neath the suspended PDMS strip during nanomechanical mapping. Without this cover
slip to support the PDMS, the AFM cannot scan the PDMS surface in any form of
contact mode due to induced oscillations of the free-standing film.
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Figure A.5: The motor clamps and glass clamp assembled in the configuration used
during AFM imaging. Below is a side-view of the assembled piece.
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